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 ABSTRACT 
 
 Coastal oceans are fundamental to human economies, nutrition and recreation. 
Anthropogenic stressors have led to the acceleration of the nitrogen cycle, the 
accumulation of inorganic carbon in the earth’s atmosphere, the loss of UV-scavenging 
upper atmospheric ozone and the overall accumulation of deep elements from the earth’s 
crust to surface exposure. These changes have caused ocean acidification and 
eutrophication events in coastal waters and the impacts of these events on primary 
production and ocean biodiversity are not yet fully understood.   
 This study examined the effects of predicted future ocean conditions (salinity, 
temperature, reduced seawater pH and modified nitrogen supplies), on the growth, 
photosynthesis and fatty acid composition of a key harmful algal bloom producing 
phytoflagellate predicted to dominate in the future ocean, Heterosigma akashiwo. Results 
from H. akashiwo NWFSC were compared to the marine diatom Thalassiosira weissflogii 
and the marine cyanobacterium, Synechococcus sp. Experimental pH levels represented 
ambient seawater (pH 8.1 or pH 8.2), and ecologically relevant pH levels predicted for 
the years 2050 and 2100 (pH 7.4 and pH 7.8, respectively). 
 Findings showed that H. akashiwo experienced maximal growth rates at 20 practical 
salinity units, which increased with increasing temperatures predicted in a global climate 
change scenario (from 14.7 °C-24.4 °C). Altering pH environments did not demonstrate 
any notable change in growth rates of H. akashiwo compared to the other phytoplankton 
species. Rather, altering the nutrient environment (which occurs in coastal upwelling 
regimes) was the main driving force to change H. akashiwo productivity and intracellular 
fatty acid composition.  Results from this research can provide a foundation for predicting 
future ocean acidification impacts on marine ecosystems, economies and fisheries 
productivity. 
 
 
 
 
 
 
 
 
Keywords: marine phytoplankton, coastal ecosystems, harmful algal blooms, 
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CHAPTER 1 
1. Introduction: linking the effects of anthropogenically-derived global 
climate change to the dynamics of our oceans 
 
1.1  Overview 
Coastal oceans are fundamental to the economics, nutrition, recreation and 
aesthetics of a large portion of the human population.  Over 3.2 billion people around the 
globe live within coastal areas, characterized by a 120-mile wide strip of the coastline, 
while over 4 billion people reside within 250 miles of the coast (Hinrichsen 1998).  
Marine and coastal resources and industries are valued at $3 trillion (USD) per year, 
equating to about 5% of global GDP (United Nations), while fisheries contribute 
approximately $274 billion (USD) to the total global GDP (World Bank 2009). The 
Fisheries and Aquaculture Department (FAO) of the United Nations estimates that fish 
are one of the most traded commodities, generating $102 billion (USD) in export value 
(FAO 2010, FAO 2011).  As the global human population exceeds 7 billion people, many 
of our wastes ultimately end up in an often-overlooked global ecosystem chain - the 
oceans.   The first barrier that must be crossed before the anticipated dilution by the ocean 
is the coastal barrier water - a water system that is not only impacted by humans, but also 
used and often abused by humans.  
Globally, 11 million tons of synthetic nitrogen fertilizer runoff in coastal waters 
each year (representing 40% of global anthropogenic nitrogen entering marine 
ecosystems), while 16 million tons of nitrogen per year enter coastal regions from the 
combined inputs of domestic and industrial sewage, animal wastes, growth of legume 
crops and atmospheric loads from the burning fossil fuels (collectively representing the 
remaining 60% of global anthropogenic nitrogen entering marine ecosystems) (Maranger 
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et al. 2008). Additionally, over 27 million metric tons of fish are removed each year 
through fisheries exploitation, which is around one-third of the estimated 77 million 
metric tons of catch that is retained each year (Alverson et al. 1994).  The addition of 
nutrients via fertilizers, pesticides and sewage exerts a bottom-up control on the aquatic 
environment and the removal of predation via over-fishing exerts a top-down control on 
the aquatic environment. This change in marine predation dynamics will have a 
substantial effect on the phytoplankton species composition and, perhaps the quality of 
food at the base of the food chain (Cury et al. 2001). 
1.2  The Future Ocean   
 
Humans have had a strong impact on the chemistry, biology, and as an extension, 
the overall ecology of the globe.  Often discussed as individual effects such as acid rain or 
issues of landscape use and form, the largest changes have altered the entire 
biogeochemistry of the earth. The scale of these changes has been so grand that many are 
referring to the present age as the Anthropocene - a period in the earth’s history 
dominated by human induced changes in the quality of major ecosystems, the quality of 
different reservoirs (for example, the atmosphere or freshwater supplies), and the overall 
quality of ecological services on which human development and growth depends.  These 
changes include the acceleration of the nitrogen cycle, the accumulation of inorganic 
carbon and water in the earth’s atmosphere, the loss of UV-scavenging upper atmospheric 
products (ozone) and the overall accumulation of deep products from the earth’s crust at 
the surface through exposure by human activities (exposure by copper, mercury and lead, 
to name a few).  At larger scales, the products of these activities involve altered global 
and regional temperatures, modified patterns and magnitudes of rain events, and altered 
soil fertility  (Zalasiewicz 2008).   The Anthropocene is, to say the least, a period of 
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extensive and rapid change. The coastal ocean is at the forefront of the regions of change 
because most of the human population lives in close proximity to the coastlines. 
The coastal waters are in the intersection of two dramatic environmental stresses - 
ocean acidification and coastal eutrophication.  What will be referred to herein as the 
“future ocean” refers to a future coastal marine ecosystem that will certainly look 
different than the present coastal community.  It has been posed that the future coastal 
ocean will, for some time, be richer in macronutrients, more acidic overall (but 
specifically in upwelling areas), as well as be warmer and thus, more stable (characterized 
by less vertical mixing to depths) (Snyder et al. 2003).  Each one of these changes directly 
alters the base of the coastal food chain - the phytoplankton community.  This thesis 
approaches our understanding of this problem using a model phytoplankton cell 
(Heterosigma akashiwo) that is normally stimulated by extra nutrients and is likely to be a 
substantial component of the phytoplankton community to exist in the eutrophic and 
acidic coastal waters predicted for the future. 
1.2.1  Ocean Acidification 
 One of the anticipated coastal alterations that will potentially change the 
composition of the phytoplankton community is ocean acidification.  Over the past 
millennium, human activities have altered many ecosystems on Earth. Since the 
beginning of the Industrial Era, a dramatic increase in fossil fuel burning, either directly 
or indirectly due to human activities, has resulted in a flux of greenhouse gas emissions 
into the atmosphere including methane (CH4), nitrous oxide (NO) and carbon dioxide 
(CO2) (IPCC 2001; Caldeira and Wicket 2003). Notably, anthropogenic CO2 emissions 
have greatly contributed to a rise in global temperatures, leading to extreme climatic 
events (IPCC 2001; The Royal Society 2005). Approximately three-quarters of all 
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atmospheric CO2 emissions during the past 20 years are due to the rise in fossil fuel 
combustion activities, but the accumulation in the atmosphere is buffered as CO2 
partitions into the surface ocean.  
Oceanic CO2 sequestration accounts for nearly one third of anthropogenic sources 
added to the atmosphere since the beginning of the industrial era, which is roughly equal 
to 127 ± 18 billion metric tons of carbon as CO2 (Sabine et al. 2004; Sabine and Feely 
2007; Feely et al. 2008; Doney et al. 2009). The oceans will eventually take up the 
majority of CO2 that is released in the atmosphere, as they cover over two-thirds of the 
Earth’s surface, contain more primary production than any terrestrial ecosystem and have 
nutrient regimes under-saturated with regards to CO2 (Caldeira and Wickett 2003; The 
Royal Society 2005). The consequence of oceanic uptake is regarded as the often-
overlooked effect of global climate change, known as ocean acidification. 
 Ocean acidification is the lowering of oceanic hydrogen ion concentration (pH), 
that is, the measure of acidity that occurs when atmospheric CO2 dissolves in the surface 
ocean according to the following series of reversible reactions:  
CO2 (atm) + H2O (aq)  H2CO3 (aq) 
H2CO3 (aq)  H+ (aq) + HCO3- (aq) 
H+ (aq) + HCO3-  (aq)  2H+ (aq) + CO3 2- (aq) 
This process is accompanied by predictable changes in ocean chemistry, including an 
increase in the partial pressure of carbon dioxide (pCO2) and a reduction in the carbonate 
ion concentration [CO32-]. Gas exchange between the air and sea equilibrates surface 
water CO2 to atmospheric levels, within approximately a one-year timeframe (Doney et 
al. 2009).  
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Atmospheric CO2 concentrations have dramatically increased from the pre-
industrial level of approximately 280 parts per million (ppm) (The Royal Society 2005). 
Over the past few years alone, atmospheric CO2 measurements taken at the Mauna Loa 
Observatory, Hawaii, indicated a rise from 389.68 ppm in December 2010, to 398.58 ppm 
in June 2013 (Tans and Keeling 2012). The corresponding average ocean surface water 
pH before industrial times has declined by approximately 0.1 units, from 8.21 to 8.10 and 
is predicted to drop a further 0.3-0.4 pH units if global emissions of CO2 from human 
activities continue to climb (The Royal Society 2005; Doney et al. 2009). Adding CO2 to 
the ocean increases aqueous CO2, bicarbonate (HCO3-) and hydrogen ion concentrations 
(H+). Since pH = –log10 [H3O+], the projected pH decline of 0.1 units is equivalent to a 
150% increase in H+ ions (acidity), which underscores the urgency of the problem (Orr et 
al. 2005; Doney et al. 2009). 
Studies have demonstrated the potential biological consequences, in particular, the 
effects of an increase in pCO2 and a decrease in [CO32-] on marine organisms, but so far, 
the overall impact of decreasing pH is less well known. (Doney et al. 2009; Shi et al. 
2010). Most biota resides near the surface ocean, where the greatest pH change is 
expected to occur, but deep-ocean biota may be more sensitive to pH changes (Seibel and 
Walsh 2001; Caldeira and Wickett 2003). In assessing the vulnerability of marine 
organisms to these changes, it is not sufficient to examine only global mean changes in 
pH. Global mean values may not properly highlight regional variability among pH and 
carbonate chemistry, which can mask the urgency of the acidification problem (Hauri et 
al. 2009).  
Ocean acidification will result in changes that may exacerbate the effects of global 
climate change and therefore, requires innovative approaches to study. Currently, much of 
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the previous research on ocean acidification has involved examining changes in biomass 
and phytoplankton community structure, and has determined limited changes in 
community composition in coastal waters resulting from the lower pH environment (Kim 
et al. 2006; Riebesell et al. 2007; Suffrian et al. 2008; Aberle et al. 2012; Nielsen et al. 
2012). Yet, unresolved is whether the quality of phytoplankton as a food source will 
remain unaltered and how eutrophication will fit into the dynamics of our coastal waters.  
There is an absolute need to assess whether a link exists between the nutritional value of 
phytoplankton as suitable prey to support highly productive food webs, and the altered 
chemistry of an acidifying ocean. Of particular ecological importance is the consequence 
of altered phytoplankton nutritional states, to the reproductive and developmental 
potential of higher trophic levels.  
1.2.2  Coastal upwelling systems 
Ocean acidity varies both spatially and temporally, with some areas of the ocean 
more vulnerable to pH fluctuations than others. Eastern boundary upwelling systems 
(EBUS) in temperate waters, such as in the upwelling occurring on the west coast of 
North America, is an example of an area that is especially vulnerable to future ocean 
acidification (Hauri et al. 2009).  Although the corrosive character of these waters is the 
result of respiration as well as organic matter decomposition at depths below the euphotic 
zone, the added pressure of anthropogenic CO2 dissolution exacerbates the impacts of 
ocean acidification within this current (Feely et al. 2008). Upwelled waters along the 
coast are already experiencing ocean acidification conditions as low as a pH of ~7.7, 
compared to the average ocean pH of ~8.1, which wasn’t expected to occur for another 
100 years (Feely et al. 2008).  
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The real problem arises from prevailing northeasterly winds causing extensive 
upwelling of cool sub-surface water, acting through the Ekman effect. Winds of the 
appropriate direction and strength to induce upwelling are more prevalent in eastern 
boundary currents than other areas. These winds drive water upwards to replace the 
surface water moving away from the coast in an event known as upwelling. As a result of 
this upwelling, waters along the western coastline of North America are rich in nutrients 
and make this area a key zone for fish production. These low pH regions are constrained 
near shore, because in the presence of high nutrients and light, photosynthetic removal of 
CO2 draws down surface pCO2 with a concomitant increase in surface water pH, as the 
upwelled surface water advects offshore through Ekman transport (Hauri et al. 2009). 
Given the economic and biogeochemical importance of these productive fishing areas, it 
is critical to assess the impacts of ocean acidification in regions occurring along the west 
coast of North America in a controlled laboratory setting (Chavex and Toggweiler 1995; 
Hauri et al. 2009).  
The coastal upwelling system is one of the most productive marine regimes on 
Earth and is responsible for a disproportionate fraction of total global new productivity. 
The coastline is presently a mosaic of iron-limited phytoplankton, both regionally and 
seasonally. Iron-dependent shifts in community structure between large diatoms and a 
smaller picoplankton community may occur and consequently will have large 
implications for export fisheries production, as well as carbon cycling (Hutchins and 
Bruland 1998). Frequent inputs of nitrate (NO3-) enable phytoplankton to synthesize polar 
lipids, essential fatty acids and proteins. Under iron-limitation, it is anticipated that 
phytoplankton will shift towards producing neutral lipids. This brings rise to the 
questions: Does an altered pH increase or decrease Fe availability?  Will iron-limitation 
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in the CCS change the mosaic of Fe-limited phytoplankton? To answer these questions, it 
is important to mimic typical environmental conditions that would be expected in situ, 
throughout all laboratory experimentations. 
1.2.3  Eutrophication 
 
Over the last few decades, there has been a massive increase of nutrients entering 
the coastal waters, where the natural eutrophication process has been advanced due to 
human activities (Burkholder 2000).  In many cases the result is simply an increase in the 
level of phytoplankton and the transfer of the new biomass through the food chain.  In 
many other cases increases in nitrate, ammonia, and phosphorus has altered the 
phytoplankton community by switching to a resource-limited complex marine community 
with a single (or small number) of species that outcompete the majoring species and 
dominate the phytoplankton community at high biomass (Tilman 1997; Smayda 1990, 
1997).  While many of these species are just nuisance high-biomass species, many others 
are phytoplankton which show adverse health effects on organisms higher in the food 
chain- many of which are known to express toxins that adversely effect humans or fish 
(Anderson et al. 2002).  The resulting communities are referred to as harmful algal 
blooms (HABs) (or as some jokingly point out - “algae with an attitude”) and these 
species no longer provide benefit to the food chain of the coastal resources.  Overall, the 
release of macronutrients into the coastal ocean results in the propagation of a select and 
usually undesirable species to which the food chain must adapt. 
 Linked to the eutrophication of coastal waters in the future ocean is the 
availability of nitrogen.  While in lake systems, the availability of phosphorus generally 
regulates the level of productivity (Schindler 1997), the level of productivity and the 
phytoplankton species composition in marine coastal systems is regulated by the mass 
	  9	  
loading, as well as the form, of nitrogen present (Dugdale and Goering 1967; Gilbert 
1998). 
 1.2.4  Nitrogen 
 While most attention on ocean acidification research has been put towards calcium 
carbonate production and dissolution in shelled organisms, much less consideration has 
been given to the impact of decreasing pH on the chemistry of macro- and micronutrients 
and their availability to the broader phytoplankton community (Hare et al. 2007; Tortell 
et al. 1998). There are several metabolic processes that are sensitive to the Ironsupply 
available to phytoplankton, including nitrogen assimilation. Major nutrients such as 
carbon (C), nitrogen (N), and phosphorus (P) have essential structural, energy and 
information roles within phytoplankton cells. Micronutrients, such as Fe, play a large 
catalytic role as a cofactor of enzymes required for the assimilation of these major 
nutrients. Nutrient limitation can affect growth rates by impairing essential biochemical 
functions.  Proteins that contain iron are directly involved in processes including, but not 
limited to nitrate (NO3- ) and nitrite (NO2- ) reduction  (Geider and La Roche 1994; Wells 
et al. 1995). These essential metabolic pathways are known to require relatively large 
amounts of Iron(Raven 1988).  Because of the diversity of the role of Fe, many cellular 
processes are likely to be affected by Fe-limitation. 
 In episodic upwelling regions, phytoplankton are frequently exposed to high 
concentrations of macronutrients. Given the critical role of iron in the bioenergetics of C 
and N metabolism, a reduction in the bioavailability of iron to phytoplankton (due to a 
decreased pH) would likely be reflected in their inability to effectively utilize abundant 
macronutrient reserves, in particular, NO3-  (Raven 1988; Morel et al. 1991). A reduction 
in iron availability due to increased acidity can impact phytoplankton nitrogen uptake in a 
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number of ways: by either slowing NO3- uptake by resident cells, forcing cells to use 
ammonium (NH4+) and urea (CO(NH2)2) which use less iron for assimilation and are 
energetically less expensive to assimilate, or shifting to a smaller cell-sized community 
which can better utilize these reduced but less available forms for N (Raven 1988; Price 
et al. 1991). Under any of the proposed scenarios, cells become increasingly N-stressed 
despite the abundance of ambient NO3- in the water column. Each phytoplankton species 
has their own mechanism for nitrogen-uptake that is dependent on the nutrients available 
within the water column. With excess cultural eutrophication, will our future acidic ocean 
consist of an abundance of NO3-, NH4+ or CO(NH2)2, and what species will the resulting 
future ocean be able to support? 
1.2.5  Iron 
 There is a large degree of conflicting evidence regarding how ocean acidification 
will impact the chemical speciation of essential trace metals and nutrient availability with 
anticipated corresponding consequences on phytoplankton growth and metabolism 
(Doney et al. 2009). Our present state of knowledge cannot predict if Fe-limitation will be 
alleviated or enhanced at a more neutral pH (Shi et al. 2010).  
 Ironsolubility in seawater is strongly affected by pH and will undergo speciation 
shifts as a response to ocean acidification. Iron must be dissolved for phytoplankton to 
acquire it, making the bioavailability of iron a function of its solubility (Rich and Morel 
1990; Millero et al. 2009). Under normal pH (~8.1) conditions, hydroxide (OH-) and 
carbonate (CO32-) ions can form strong complexes in seawater with trivalent metals, 
including trivalent iron (Fe3+), but under low pH conditions these ion concentrations are 
reduced (Millero et al. 2009; Shi et al. 2010).  As ocean waters acidify, decreasing OH- 
ion concentrations, iron speciation is altered and iron (ΙΙΙ) solubility will increase (Shi et 
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al. 2010). For example, a decrease in pH by 0.3 units slightly increases iron solubility, as 
most dissolved iron in the ocean is highly insoluble due to OH- ion binding or chelation to 
natural ligands by organic compounds (Breitbarth 2009; Shi et al. 2010). These Fe-
chelating ligands work in two ways to increase iron availability to the cell: by solubilizing 
surrounding Fe3+ and by assimilating Fe3+ in waters where the availability limits growth 
(Wilhelm et al. 1996). 
 As iron is an important micronutrient, it has been suggested that the outcome of 
increasing iron solubility under acidic conditions will increase iron availability to 
phytoplankton and microbes, leading to an increase in primary production (Martin 1990; 
Brand 1991). Additionally, in certain coastal isolates at low iron concentrations, high-
affinity siderophore-mediated iron uptake systems can be induced (Wilhelm and Trick 
1994). Any competition to bind with iron would lessen the biological availability of this 
metal to microbes and could influence primary productivity in some marine environments 
(Wilhelm et al. 1996; Shi et al. 2010).  Shi et al. (2010) suggested that a decrease in pH 
and OH- ion will alter the capabilities of iron chelation to certain natural organic ligands, 
and therefore shift the level of iron acquired by marine organisms. In the same study, it 
was shown that the availability of iron to phytoplankton in surface seawater should 
decrease with pH as a result of the acid-base chemistry of the specific chelating ligand 
(Shi et al. 2010). With the pH of average seawater decreasing from 8.1 to 7.4, as 
anticipated for the year 2100, the solubility of Fe (ΙΙΙ) will increase by roughly 40% 
(Brand 1991; Millero et al. 2009). 
 Considerable research has been conducted to determine the role iron plays in 
influencing primary productivity under optimal conditions. Less research has questioned 
iron acquisition in Fe-limited, non-optimal conditions. Hutchins and Bruland (1998) 
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demonstrated that Fe-poor waters limit primary producers in some upwelling areas. 
Additions of iron along the coast of Big Sur, California, were shown to increase 
phytoplankton growth rates, biomass, nitrate uptake, and resulted in dominant taxa to 
change from nano- and pico-plankton to large diatoms (Hutchins and Bruland 1998; 
Hutchins et al. 1998). Although our understandings of the effects on iron uptake by 
phytoplankton have been extensively examined, the impacts on other metabolic pathways, 
such as the synthesis of essential fatty acids, are less understood. Since a decrease in pH 
alters biogeochemical conditions of seawater and micronutrient availability, it poses the 
question: how do alterations in seawater chemistry affect physiological responses of 
phytoplankton under Fe-stressed conditions? 
1.2.6   Water Mass Stability 
 The future ocean is predicted to have a warmer surface layer due to three factors, 
collectively referred to as water mass stability: the warmer terrestrially fed surface water 
(itself predicted to be warmed due to the heating of land masses), the increased levels of 
direct heating of the surface water due to irradiance, and the lesser degree of water mixing 
between the warm surface water and the cooler, denser seawater below.  The result of this 
prediction is that the surface water is more stable and more separate from the cooler, 
nutrient-rich water below (Sprintall and Cronin, 2001).  In this situation, the surface water 
is in equilibrium with atmospheric CO2 and generally will not contain excess CO2 that 
would result in acidic waters.  The potential for acidity is further reduced, as cells in the 
upper waters are most likely to photosynthesize, a base-generating process.   
 One physical regime that obliterates the water mass layering is the coastal 
upwelling system. As discussed, upwelling areas are regions where the physical 
movement of the earth forces the deeper water (down to 100 m) to shift to the surface 
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where it either mixes with the warmer water or pushes the warmer water away from the 
coast.   Since the water that is forced to the surface is higher in acidity due to the 
dissolution of carbonates in the cold-water depth, these upwelling regions can be referred 
to as the lost acidic areas of coastal waters. Consequences from these acidic waters arise 
within the structure of the phytoplankton community, where species are likely to change 
based on the availability of nutrients (through eutrophication), light (thinner ozone layer), 
salinity (density) and temperature (global warming). These factors bring rise to the 
questions: will the current oceanic phytoplankton species composition remain stable? Or 
will there be a shift in the current phytoplankton community that dominates our coastal 
water because of the water mass stability factor?  
 Presently, in coastal regions that are abundant in nutrients, diatoms tend to be the 
most prevalent species. This is the result of a large amount of kinetic energy (driven by 
convection) that overturns to vertically displace water mass, enabling diatoms to 
outcompete other groups when nutrients and light are available. However, their sinking 
rates prevent them from sustaining their populations near the surface (Gregg et al. 2003). 
Cyanobacteria are opposite to diatoms in that they cannot outcompete diatoms under 
favourable nutrient rich waters. However, they have a competitive advantage in low 
nitrogen areas because of their nutrient uptake efficiency, low sinking rates and ability to 
fix molecular nitrogen- enabling them to predominate areas such as mid-ocean gyres 
where circulation is weak, mixed layers are deep and nutrients are rarely added into the 
mixed layer (Glover 1985; Itturiaga and Mitchell 1986; Gregg et al. 2003). On the other 
hand, flagellates tend to be predominant where severe iron limitation limits diatom 
abundances, and have been characterized as occupying transitional regions (Ondrusek et 
al. 1991; Obayashi et al. 2001). Transitional regions are areas where nutrient and light 
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availability are insufficient to allow diatoms to predominate, but where nutrients are not 
so low as to prevent sinking losses in an effort to compensate growth. These areas are a 
function of a flagellate’s intermediate growth, sinking (swimming) and nutrient uptake 
efficiency relative to diatoms and cyanobacteria, where the largest flagellate 
concentrations tend occur during the transition between diatoms and cyanobacteria 
(Gregg et al. 2003). Lastly, in areas with oligotrophic waters, picoplankton are always 
found to be most dominant. 
 In the future ocean, upwelling is expected to intensify, meaning that the duration of 
acidic waters exposed to surface light and nutrients will be longer than present conditions.  
There will also be changes on the seasonality of the upwelling, suggesting that not only 
will the periods of upwelling be long, there will also be more yearly upwelling periods.  
This intensification may lead to enhanced productivity  (Snyder et al. 2003). The shift in 
water mass stability may result in unrecognized consequences within the oceanic food-
web dynamics where our current diatom-dominated waters might be replaced by new 
conditions of flagellate-dominated waters. The real consequence lies within the specific 
Essential Fatty Acid (EFA) profile of phytoplankton, and whether the species with the 
competitive advantage will be met with conditions facilitating specific EFA production 
required by higher marine organisms. This future situation forms the experimental model 
of this thesis - nitrogen-rich, iron-variable acidified waters in the photic zone. 
 1.2.7  Lipids 
 Essential fatty acid production in phytoplankton has the unique potential to exert 
bottom-up control on animal populations in aquatic systems.  Quantifying the link among 
phytoplankton EFA production, nutrient availability and ocean acidification is crucial 
because EFAs are the only lipid constituents that cannot be synthesized by animals and 
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must be obtained through diet (Igarashi et al. 2007). Nutrient availability, with current 
and future ocean acidity changes, will either enhance or reduce the lipid quality of coastal 
phytoplankton as a food resource for secondary consumers. Uncertainty lies with whether 
the key to success is the shift from waters that are NO3- replete and iron deplete to waters 
that are NO3- replete and iron replete. Results will have drastic implications for 
improvements in the productivity and quality of marine fisheries, economies, as well as 
for the health of communities around the globe that rely on fish for sustenance. 
Fatty acid desaturases are members of a large group of membrane-bound, iron 
containing enzymes (Shanklin and Cahoon 1998; Sasata et al. 2004). These iron 
containing enzymes remove two hydrogen atoms from an existing saturated fatty acid 
creating a carbon-carbon double bond, forming an unsaturated fatty acid.  Iron deficiency 
is known to affect lipid metabolism in higher organisms, beginning with primary 
producers and cascading up the marine food web to higher fish (Stangl et al. 2008). Fatty 
acid desaturases are necessary for algal species to uptake essential nutrients from the 
water column, allowing them to fulfill their intracellular lipid, carbohydrate or protein 
needs. It is reasonable to expect that decreasing the availability of Fe, accompanied by 
metal speciation shifts from ocean acidification, will have an indirect impact on the 
composition and metabolism of lipids, carbohydrates and/or proteins in marine 
phytoplankton. 
 Phytoplankton lipids are synthesized from free fatty acids and divided into two 
primary classes: the structural polar lipids that play a key role in maintaining the integrity 
of the cell and chloroplast membranes, and neutral lipids that primarily serve as an energy 
storage reserve (Geider and La Roche 2002). Under optimal nutrient-rich conditions, 
when cells are experiencing exponential growth, as in what one would expect to see in 
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upwelling areas, phytoplankton are able to synthesize fatty acids principally for polar or 
membrane lipids (Brown et al. 1996; Hu et al. 2008). Under nutrient limitation, however, 
the overall cellular lipid content increases and phytoplankton shift their lipid biosynthetic 
pathways from polar lipids toward the formation and accumulation of neutral lipids that 
do not perform a structural role but serve as a storage form of carbon energy (Fig. 1.1). 
Although many environmental factors can alter cellular lipid production, the most 
common trigger of neutral lipid formation, is macronutrient limitation (Spoehr and Milner 
1948). There have been no studies specifically investigating the degree to which ocean 
acidification affects the competitive success of eicosapentanoic acid (EPA)-rich diatoms 
versus docosahexanoic acid (DHA)-rich dinoflagellates in productive ecosystems, and 
consequently how this will alter the food quality of primary production available for 
higher fish. Changing the diversity or concentration of diets rich in algae (between either 
diatoms or dinoflagellates), may affect the reproductive responses of higher trophic 
levels. Very few phytoplankton studies have reported on fatty acid profiles as a function 
of nutrient sufficiency.  
1.3 pCO2 and pH manipulation 
 There is currently no consensus on the optimal method for manipulating ocean 
acidification events within a laboratory setting.  There is considerable debate regarding 
the various methods of pCO2/pH adjustment- acid/base addition with the use of buffers or 
bubbling CO2 gas- and which method is best to apply. Notably, methods would differ 
depending on the objective of the study and the organism in question. With the two most 
commonly used methods, there is considerable evidence supporting that a pCO2 type of 
system is most representative of a natural environmental acidification scenario, while 
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other studies report that an acid/base manipulation type of system would suffice (Gattuso 
and Lavigne 2009; Shi et al. 2009). Both methods can have different effects on the  
 
 
 
 
 
 
Figure 1.1  Diagram illustrating predicted nutrient partitioning and subsequent 
intracellular carbon storage among: a) a phytoplankton cell under nutrient-rich and b) a 
phytoplankton cell under nutrient-poor, acidic coastal water conditions. The solid blue 
lines represent a normal physiological pathway, with thick blue lines representing the 
more dominant fate of carbon partitioning, and the dotted lines represent a compromised 
metabolic pathway. 
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carbonate system of seawater, which could result in contradictory results. For instance, 
adding a biologically benign buffer to an acid (or base)-adjusted culture would control pH 
and is advantageous as it would leave the amount of DIC constant by continually 
adjusting DIC when it becomes depleted during culture growth. However, bubbling pCO2 
gas would change the DIC, but has the advantage of maintaining culture alkalinity (Shi et 
al. 2009). There are also other issues concerning the potential mechanical damage that 
could be imposed on the culture through bubbling gases in the medium. In this study, 
both methods were examined to tease apart the physiological differences that could arise 
intracellularly when using either ocean acidification technique. 
1.4 Growth and photosynthetic performance 
 Current research suggests that ocean acidification can either stimulate or reduce 
primary production, depending on the organism in study. Readily available dissolved 
oceanic CO2 concentrations are currently at limiting levels for RuBisCo, the enzyme 
responsible for the first step in photosynthesis. Increasing pCO2 concentrations from the 
effect of ocean acidification could alleviate RuBisCo driven pCO2 limitation, thereby 
enhancing phytoplankton primary production unless the species already contains an 
effective carbon-concentrating mechanism (Beardall and Raven, 2004; Riebesell et al., 
2007).  
1.5  Study Aims and Hypotheses 
 The overall aim of this study is to examine the effects of our future ocean (namely, 
a reduced seawater pH and modified nitrogen supplies), on the growth, photosynthesis 
and fatty acid composition of three examples of marine phytoplankton.  Using the marine 
phytoflagellate, Heterosigma akashiwo, the marine diatom Thalassiosira weissflogii and 
two phenotypes of the marine cyanobacterium, Synechococcus sp. Three experimental pH 
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levels were considered for this research, and included levels that reflect ambient seawater 
(pH 8.1 or pH 8.2), and two ecologically relevant pH levels predicted for the year 2050 
and 2100 (pH 7.4 and pH 7.8, respectively). 
 There are three main objectives to this thesis.  First, a growth characterization study 
was completed for H. akashiwo.  As a key harmful algal species H. akashiwo is likely to 
be found as an important constituent for the future ocean (Smayda 1990).  The ranges of 
maximal tolerance and growth under different combinations of temperature and salinity 
were ascertained. 
 For the second objective, the differential rates of growth, neutral lipid production 
and photosynthetic activity for H. akashiwo were examined in comparison to a common 
diatom, T.  weissflogii and the photosynthetic prokaryote, Synechococcus sp. under 
different pH media where the pH was adjusted to a buffered medium. 
 In the third objective, growth rates and nutrient yields of H. akashiwo under 
different pCO2 levels, corresponding directly to a CO2 induced pH change, were 
examined. In these later experiments, pH levels were changed through supplementation 
with pCO2 gas.  The experiments were performed under two environmental conditions 
that reflect the predicted coastal ocean: nitrate-rich seawater with high levels of iron and 
nitrate-rich seawater with low levels of iron. 
It is understood that there will be less diatoms in the future ocean, and the species 
composition will likely shift to one dominated by flagellates due to their ability to migrate 
and utilize nutrients in eutrophic waters. As a flagellate, H. akashiwo is used in this thesis 
as a model organism for a species that is likely to be abundant in the conditions that are 
pertinent to future ocean studies, particularly because there is a recognition that 
flagellates will predominate in the future eutrophic, warm and acidic ocean.  
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1.6 Thesis Outline 
Chapter 1 outlined the background for the study of H. akashiwo in the future 
ocean.  Specifically Chapter 1 logically offered information leading to the hypothesis: 
Heterosigma akashiwo will be a successful member of the phytoplankton community 
under the future ocean.  
Chapter 2 investigates and provides basic information regarding the optimal 
laboratory conditions for culturing H. akashiwo (strain NWFSC 513).  Primary 
environmental parameters include salinity and temperature, with growth recorded under a 
fixed photon flux.  
Chapter 3 establishes the growth characteristics (growth rate and yield), neutral 
lipid production and the photosynthetic capacities of three marine phytoplankton isolates: 
H. akashiwo strain NWFSC 513 (isolated from Clam Bay, Washington, USA on June 16, 
2010), T. weissflogii (isolated from the North Pacific, Kahaluu, Hawaii, USA on May 13, 
1985) and Synechococcus sp. CCMP 833 and 835 (isolated from the North Atlantic in 
1982 and 1985, respectively) under buffered pH environments that represent the future 
coastal ocean: pH 7.8 for the year 2050 and pH 7.4 for the year 2100. 
Chapter 4 provides an examination of the combined effect of pH and pCO2 
changes on the growth and photosynthetic capacity of H. akashiwo. 
While no single species can represent the entire phytoplankton community, 
research on H. akashiwo closes the gaps in our current understanding of the effects that 
ocean acidification might pose on the growth and intracellular nutrient composition in 
phytoplankton.  As there are three variables that are essential to control: the change in 
pCO2 of our ocean, the change in pH of our ocean and the change in the availability of 
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nutrients, the use of a modern HABs species served as an excellent model for the study of 
anthropogenically altered coastal waters.  
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CHAPTER 2 
2. Growth kinetics of Heterosigma akashiwo under combinations of 
temperature and salinity 
2.1  Overview 
This chapter focuses on providing information for the optimal laboratory culturing 
conditions of H. akashiwo (NWFSC 513), and aims at determining whether there was a 
combinatorial effect between the environmental parameters of salinity and temperature on 
the growth rate and cell membrane integrity of this Harmful Algal Bloom (HAB) species, 
under a fixed photon flux. The chapter additionally outlines the conditions causing cell 
membrane permeability from H. akashiwo under the interaction conditions of temperature 
and salinity. 
2.2  Introduction 
The most critical environmental parameter studied in phytoplankton 
ecophysiology research is the effect of temperature on growth and metabolism. As 
industrial and human activities continue exacerbating global climatic changes, if all 
greenhouse gas emissions were ended today, global atmospheric temperatures are still 
expected to rise between 1.1 to 6.4 °C by the year 2100, with corresponding increases in 
sea-surface temperatures (IPCC, 2007). While microalgae reside in extremely variable 
environments, increased temperature does not always result in faster growth or up-
regulation of critical cellular processes. It is well established that each specific 
phytoplankton species has their own optimal temperature range for maximal growth, 
exhibiting a bell-shaped curve with peak metabolic rates (Falkowski and Raven 2007). 
Presently, it remains controversial whether the proposed rise in sea-surface temperatures 
will enhance or hinder the growth and photosynthesis of present algal communities. At 
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elevated temperatures alternative species may replace the less competitive species. Thus, 
the predicted future global climatic shift will undoubtedly be species specific.  
Temperature changes over the next decade may pose profound effects not only at 
the species level, but also on the entire phytoplankton community and ocean ecosystem, 
especially in the context of Harmful Algal Blooms (HABs) – a taxonomically unrelated 
group of ecologically exploitive species. HABs are a national concern as outbreaks can 
grow explosively resulting in the production of either toxic or noxious compounds that 
can adversely affect not only the health of marine organisms, but can also affect the 
health of humans directly or indirectly through illness from seafood consumption (Taylor 
and Haigh, 1993; Connell et al., 1997). The HAB species of interest in this study was the 
raphidophyte, Heterosigma akashiwo, isolated from Puget Sound (Washington, USA), 
which has been known to cause massive aquaculture fish kills. The frequency of reports 
of  H. akashiwo HABs have increased over the past decade.   The increased incidence of 
bloom outbreaks has become problematic not only to fish farmers but also natural fish 
communities migrating through extensive blooms (Rensel et al. 2010). With inevitable 
changing climatic events, it is anticipated that our existing coastal phytoplankton 
community will shift to be comprised of a community that can withstand the new oceanic 
conditions. Flagellated raphodophytes such as H. akashiwo are expected to be at the 
forefront of this shift due to their distinctive physiological characteristics: euryhaline, 10-
30 chloroplasts, flagellated with strong vertical migration and lack of a rigid cell-wall 
(Montagnes 2006, Rensel et al. 2010). For this reason, H. akashiwo was used as the 
model species in this experiment, as it is proposed to thrive in our future ocean.  
Future climatic changes are anticipated to result in new ocean conditions, 
including higher sea-surface temperatures with corresponding changes to a more robust 
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phytoplankton community having unique photoprotective abilities (Warner and Madden, 
2007). With consummate mechanisms of photoprotection during sub-optimal temperature 
and irradiance conditions, raphidophytes have an innate ability to avoid stressors and 
continue photosynthesis. Warner and Madden (2007) found that to maintain 
photosynthesis during elevated irradiance, raphidophytes down-regulate the total number 
of PSII reaction centres in their chloroplasts (the first step in acquiring light energy for 
photosynthesis), and lower the rate of electron transport to avoid photoinhibitory effects.  
Raphidophytes also are exposed to photodamage by rising to the surface of the water 
column during light hours after settling to the bottom during dark hours (Handy et al. 
2005). In particular, H. akashiwo have a unique ability to sense and react to light, 
remaining at bottom depths during continuous light exposure, giving this species a 
competitive advantage in the anticipated future ocean. However, if an imbalance between 
light acquisition and utilization happens to occur, photoinhibitory damage is likely to 
result in the main protein of the PSII reaction center (D1), leading to lower PSII 
efficiency (Hüner et al. 1998). Compared to the physiologic changes of reduced PSII 
efficiency in an attempt to acclimate to light stress, there have been several studies 
describing similar responses to other environmental stresses, including cold temperature 
(Maxwell et al. 1994; Hüner et al. 1998), salinity (Neale and Melis, 1989), nutrient 
deprivation (Davies and Grossman, 1998) and CO2 deprivation (Miyachi et al. 2003).  
Although physical mobility and physiologic changes in PSII proteins are proposed 
as responses to temperature, light and salinity stress, H. akashiwo toxin production might 
be the most critical consequence to these future environmental changes. Mechanisms for 
toxin production in H. akashiwo are currently not fully understood.  In contrast to most 
phytoplankton, this genus lacks a rigid cell wall and can be easily lysed with physical 
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movement or agitation. This cellular fragility is often implicated in the toxicity of this 
genus – either in a direct means (causing fish gills to be clogged with broken cells) or by 
releasing toxins on cell lysis, affecting water quality (Smayda 1998).  Thus researchers 
have focused on the physical state of the cell wall, specifically relating morphological 
changes with nutrient limitation wall, in correlational studies between lowered cellular 
growth rates, chlorophyll loss per cell, and elevated membrane permeability and the 
putative level of toxicity (Veldhuis et al. 1997, 2001).  
The present experiment focused on assessing the growth and membrane integrity 
of temperature and salinity-acclimated H. akashiwo cells. 
2.3 Materials and Methods 
2.3.1 Experimental design 
A non-axenic isolate of H. akashiwo (NWFSC 513) was collected from Clam Bay, 
WA, USA, in 2010 and maintained in batch culture conditions at the National Oceanic 
Atmospheric Administration (NOAA) Northwest Fisheries Science Center (NWFSC). 
The pre-experimental inoculum cells were grown for four days, equating to ca. 4.5 
generations, at three salinity (31.5, 20, 10 psu) and five temperature (13.5, 16.5, 19.5, 
22.5 and 25.5 °C) conditions. These cultures to be used as the inoculum for the 
experiment were grown in 50 mL borosilicate tubes that contained 40 mL of culture, and 
kept inside a temperature controlled light box (NOAA NWFCS) that created a 
temperature gradient through an aluminum block. Cells were exposed to a saturating 
average photosynthetic photon flux density (PPFD) of ca. 350 µmol photon ⋅ m-2 ⋅ s-1 
under a 14 hr light : 10 hr dark cycle.  PPFD was measured with a 4π scalar collector 
(QSL-100; Biospherical Instruments). For the pre-experimental inoculum cultures, daily 
in vivo fluorescence (10-AU, Turner Designs) was collected to measure cellular growth. 
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After the cultures had grown for four days at the respected experimental conditions, the 
cultures were used to inoculate four 50 mL borosilicate tubes (40 mL of culture per tube) 
containing fresh media for the experiment. All freshly inoculated cultures were grown 
under the same conditions as the initial experimental inoculum culture. All culture 
manipulations were performed using glassware, plastic-ware and equipment cleaned with 
10% HCl (v/v) followed by three rinses in ultra-pure water.   
Cultures were grown in 0.2 µM filtered (Polycap 150 TC; Whatman) seawater 
collected from East Sound, Puget Sound, WA, USA.  Seawater was enriched using a 
modified enriched seawater natural water (ESNW) medium (Harrison et al., 1980; Berges 
et al., 2001), which had reduced concentrations for N and P (50 and 5 µM, respectively), 
to prevent inorganic carbon limitation due to biological activity (e.g., Howard et al., 
2007). Additionally, CuSO4·5H2O, MnSO4·H2O and Na2SeO3 were added to a final 
concentration of 3.93 ×10-9 M, 2.42 ×10-3 M and 1.27 × 10-5 M, respectively. All other 
nutrient enrichments followed the protocol established by Harrison et al. (1980) and 
modified by Berges et al. (2001).  To achieve the desired salinity conditions, 0.2 µM 
filtered seawater from East Sound (31.5 psu) was diluted to 20 and 10 psu with ultra-pure 
water (18.2 MΩ.cm). Additional NaHCO3 was added to the 20 and 10 psu treatments to 
achieve a final concentration of 2.07 ×10-3 M in order to adjust for the change in DIC 
concentration during the dilution process.  
 Samples were collected daily for cell permeability using the nucleic acid stain 
SYTOX-green (S7020; Invitrogen Molecular Probes), cell counts by flow cytometer (C6 
Flow Cytometer, BD AccuriTM) and in vivo fluorescence until the fourth day of stationary 
growth from all quadruplicates. On the final day of sampling, samples were collected 
from two of the quadruplicates for pH, nutrients (NO3- and H3PO4) and dissolve inorganic 
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carbon (DIC).  The remaining volume was combined to produce two samples per 
quadruplicate for cellular toxicity analysis.      
2.3.2 Methods of Analyses 
2.3.2a Cell counts by flow cytometry 
Subsamples (0.5 mL) from each quadruplicate were pipetted into 12 x 75 mm 
borosilicate test tubes (14-961-26, Fisher Scientific). Samples were fixed with a 0.5% 
(final concentration) Lugol’s solution prior to counting cells. Quadruplicates were 
averaged to obtain daily cell density measurement (cells mL-1). A total of 50 µL was used 
to characterize the cell density for each sample, and then averaged over the quadruplicate 
samples. To calculate the cell density, the C6 Analysis Software (BD AccuriTM) was used 
to create histogram plots of the sample population with high chlorophyll α fluorescence 
(i.e. > 106).  Due to the high number of chloroplast within H. akashiwo, a 90% attenuation 
filter was used to reduce the fluorescence response of individual cells.     
 2.3.2b Growth rates 
 Cellular growth rates were determined using data from both flow cytometer cell 
counts with and in vivo fluorescence.  Specific growth rates were calculated from a least-
square linear regression analysis for the exponential growth phase using natural log 
transformed data of either cell counts performed by flow cytometry or in vivo 
fluorescence using the following equation: 
𝐾! = !"  (!!!!)!!!!!      
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Where Ke is the growth constant (in units of d-1) and N1 and No is either the cell counts or 
in vivo fluorescence at time 1 (t1) and time O (to), respectively (Guillard, 1973). 
2.3.2c Measurement of cell permeability (SYTOX- Green) 
SYTOX-Green is a fluorescent dye that indicates cell viability by binding to DNA 
of cells with compromised cell membrane (Veldhuis et al., 2001). SYTOX-Green was 
used to measure the amount of dye that entered viable cells in order to gauge changes in 
cell permeability as a function of salinity. A 50 µM SYTOX-Green (S-34860, Invitrogen) 
working solution was prepared in ultra-pure water, and kept at -20 °C until use. Before 
staining cells with SYTOX-Green, the background fluorescence was measured using 50 
µL of unpreserved cells at the excitation and emission wavelength for SYTOX-Green 
(488/523 nm, respectively). After the background fluorescence was measured, 5 µL of the 
SYTOX-Green working solution was added to the unstained cells for a final 
concentration of 0.6 µM. Samples were then inverted 4 times before incubating at room 
temperature (~20 °C) for 15 minutes in the dark. A 50 µL subsample of SYTOX-Green 
stained cells was then measured with a C6 Flow Cytometer using the following 
excitation/emission wavelength, 488/523 nm, respectively.  
A histogram plot was used to gate compromised cells (i.e. SYTOX-Green stained 
cells), by first plotting non-SYTOX stained cells with high chlorophyll α fluorescence 
(i.e. > 106).  A density scatter plot was then created that only showed the gated population 
with high chlorophyll α fluorescence, which was then separated into four quadrants. The 
line separating the lower right quadrant from the upper right quadrant was placed directly 
above the unstained cell population. SYTOX stained cells were then applied to the 
density scatter plot, with positively stained cells showing fluorescence in the upper right 
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quadrant. The portion of the cellular population in this upper right quadrant indicated 
viable cells with compromised cell membranes.  
2.3.2d Dissolved Inorganic Carbon (DIC) 
Unfiltered water samples for DIC determination were injected by syringe into an 
acid-washed 20 mL combusted (450 °C for 6 hours) glass scintillation vial. The inverted 
poly-cone caps for the glass scintillation vial were only acid-washed. To prevent bubbles 
from forming while the samples were injected into the scintillation vial, silicon tubing 
was attached to the end of the syringe in order to gently inject the sample into the 
container. DIC samples were then immediately preserved with 300 µL of 5% w/v 
mercuric chloride (HgCl2) and sealed with an inverted poly-cone cap to ensure no 
headspace in the sample vial.  Samples were kept in the dark until analysis with an acid-
sparging non-dispersive infrared (NDIR) gas analyzer (Friederich et al., 2002).   
2.3.2e Nutrients 
Nutrient samples for NO3- and H3PO4 were collected in polypropylene conical 
tubes (352097, Fisher Scientific) pre-soaked in ultra-pure water. A total of 12 mL was 
collected from two of the quadruplicate borosilicate tubes from each treatment. Unfiltered 
nutrient samples were stored at -20 °C until analysis.  Prior to analysis with a flow 
injection auto analyzer (QuickChem 8000 Series, Lachat Instruments), samples were 
thawed over night at room temperature (~20 °C) before analysis using protocols 
developed by Smith and Bogren (2001) and Knepel and Borgen (2002). 
2.4 Results and discussion 
2.4.1 Growth under experimental salinity and temperature regimes 
As a flagellate from temperate coastal waters, H. akashiwo was able to grow with 
relatively high growth rates at all salinity (32, 20 and 10 psu) and temperature (14.7, 18.4, 
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21.4, 24.4, 27.8 °C) conditions tested (Figure 2.4.1). Maximal growth rates were attained 
at 20 psu, which increased with temperature from 14.7 °C to 24.4 °C (µ=0.96 ± 0.08 to 
1.48 ± 0.05 d-1), followed by 10 psu (µ=0.78 ± 0.028 to 1.69 ± 0.021 d-1) and 32 psu (µ= 
0.67 ± 0.02 to 1.16 ± 0.12 d-1). A one-way ANOVA followed by a Tukey’s HSD test 
indicated that cells grown at 20 psu grew significantly faster (P < 0.05) than either the 32 
or 10 PSU treatment, except at 18.4 °C and 24.4 °C where no significant difference was 
seen. It should be noted that at 24.4 °C, the 20 psu treatment was only marginally non-
significant compared to the 32 psu treatment (P = 0.0587). Salinity treatments grown at 
27.8°C was not included in Figure 2.4.1, as only two time points were collected during 
the exponential growth phase.  
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Figure 2.4.1 Average specific growth rates for exponentially growing H. akashiwo cells, 
grown in medium adjusted to a range of salinity treatments (32, 20 and 10 psu), and 
temperatures (14.4, 18.4, 21.4, 24.4 and 27.8 °C) at a fixed photon flux. Values indicate 
the average of quadruplicate samples, with error bars indicating one standard deviation. 
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Figure 1.  Is the specific growth rates for exponentially growing cells that 
are acclim t d to each treatment.  Growth rates were dete mined by cell 
counts using flow cytometry using exponentially growing cells.  Values 
indicate the average of quadruplicates samples (n=4), with error bars 
indicating one standard 
d viation.  
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The first factor influencing H. akashiwo growth was salinity, where a lowering of 
salinity has been suggested to trigger the germination and growth of Heterosigma cells 
that grow optimally at salinities around 20 - 25 psu (Haque and Onoue 2002; Kempton et 
al. 2008). The optimum salinity range for non-adapted H. akashiwo cell growth, 
established by Honjo (1993), was at a very broad range between 20 and 35 psu.  As 
demonstrated from the specific growth rates (Figure 2.4.1), H. akashiwo maximal growth 
occurred at a temperature of 24.4 °C and a salinity of 20 psu.  At 24.4 °C, H. akashiwo 
growth rates decreased from 20 > 10 > 32 psu, suggesting that this alga may show a 
competitive dominance through its ability to acclimate to lower salinity conditions. Even 
growth at 5 psu has been reported by Tomas (1978), however, other investigations 
reported lack of growth below 10 psu (Haque and Onoue 2002). In a study on an H. 
akashiwo isolate from the Nervion River, Spain (Orive et al. 2004), the alga was found to 
grow at a range of salinities from above 5 to 35 psu, where growth was higher at 21 °C 
than 17 °C.  It is clear that across-strain differences arise from H. akashiwo cells isolated 
from different geographic areas, indicating that the species isolates may be genetically 
different and may differ in salinity tolerance, carotenoid production and growth rate 
(Smayda 1998; Han et al. 2002). Most studies demonstrate that as cells are given a longer 
time for salinity acclimation- that is, physiologically adjusting to a change in salinity 
without compromising growth or metabolism- growth rates among strains isolated from 
different geographic locations become similar (Martinez et al. 2010), highlighting the 
robustness of this alga.  
As documented by Fig. 2.4.2, when temperature was increased to 27.8 °C, a 
salinity of 32 psu resulted in the highest growth rate for this alga, followed by 10 psu, 
then 20 psu. These findings can be important, considering the warmer conditions 
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predicted by the future ocean, indicating that H. akashiwo would not be excluded from 
the community at the lower (10 psu) or higher salinities (32 psu). Similarly, in a study by 
Zhang et al. (2006), an H. akashiwo isolate from Delaware Inland Bays was found to be 
more phenotypically plastic than other HAB species in that it had a higher range and 
tolerance to salinity and temperature, and a maximal growth at 30 °C.  In contrast, the 
origin of the isolate used in this study (Puget Sound) is reported to have average winter 
temperatures of 7.2 and 12.8 °C in the summer and would rarely (if ever) reach 
temperatures greater than 25 °C.  The optimal temperature growth range of an H. 
akashiwo isolate from this area was previously noted to be from 11-16 °C (Staubitz et al. 
1997). With all studies considered, it is clear that H. akashiwo demonstrates a resilient 
ability to survive in many temperature and salinity conditions, indicating that this species 
is likely to be a competitive member of the phytoplankton species assemblage predicted 
for the future. Additionally, considering the effects of elevated CO2 anticipated in the 
future, growth rates for H. akashiwo (from the DIB isolate) grown at 30 °C were faster 
than those reported in earlier work with or without CO2 supplementation at a lower 
temperature of 25 °C, indicating that temperature may play a larger role in growth than 
CO2 supplementation (Zhang et al. 2006; Fu et al. 2008). With this factor in mind, CO2 
enrichment at 20°C was explored in Chapter 4.   
	  40	  
 
Figure 2.4.2 Specific growth rates for acclimated H. akashiwo cells grown in medium 
adjusted to a range of salinity treatments (32, 20 and 10 psu), and temperatures (14.4, 
18.4, 21.4, 24.4 and 27.8 °C) at a fixed photon flux. Values were determined by in vivo 
fluorescence during the exponential growth phase, and indicate the average of 
quadruplicate samples (n = 4), with error bars indicating one standard deviation. 
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Figure 3.  Specific growth rates for acclimated cells determined by in vivo 
fluorescence using expon ntially growing cells.  Values indicate the 
average of quadruplicates samples (n=4), with error bars indicating one 
standard deviation.  
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2.4.2 Dissolved inorganic carbon (DIC) 
After diluting the seawater with ultra-pure Milli-Q® water to achieve the desired 
salinity concentrations of 20 and 10 psu, NaHCO3 was added in a 2.07 × 10-3 M 
concentration to the 20 and 10 psu treatments. NaHCO3 was added to adjust for changes 
in the DIC in the 20 and 10 psu as a result of the increased DIC from the background 
concentration of 1,994 µM C (32 psu) to 2,112 µM C (20 psu) and 2,046 µM C (10 P 
psu).  The increased DIC for both the 20 and 10 psu treatment compared to the 32 psu 
treatment is due to the unaccounted DIC in the seawater being added to the extra 
NaHCO3 that was injected after diluting with ultra-pure water. Figure 2.4.3 shows the 
starting DIC (T=0) for all three salinity conditions as well as the final DIC values on the 
last day of sampling for each treatment.  For all salinity treatments, a downward trend is 
observed, where the availability of DIC in the media is inversely proportional to 
increasing temperature. Due to the low sample size for the DIC measurements (n = 2), it 
is unclear if DIC values are significantly different from each other.  
 
2.4.3 SYTOX and cell membrane permeability 
 Cell permeability, measured with SYTOX-green, indicated that cells grown at 20 
psu (5741 ± 724 RFU/cell) and 10 psu (5467 ± 828 RFU cell-1) had higher SYTOX 
fluorescence than 32 psu -grown cells (763 ± 83 RFU cell-1) at 14.4 °C, which decreased 
to 899 ± 275, 611 ± 138 and 414 ± 84 RFU cell-1, respectively, at 24.4 °C. This suggests 
that cells become more permeable adjusting to osmotic pressure at low temperature.  
During exponential phase of growth, results from SYTOX-Green demonstrate that 
the cell membranes of H. akashiwo are more permeable at 10 >20 >32 psu, supporting the 
concept that cells are changing the composition of their membranes as a method to 
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acclimate to lower salinity conditions. These findings have not been demonstrated 
previously with this raphidophyte.  Phytoplankton express very different biochemical 
responses to growth limitation. There were no obvious changes in cell morphology, but 
there was likely a process of intracellular protein degradation brought about by nitrogen 
deprivation, as photochemical efficiency declined. Such internal degradation leads to the 
dismantling of the photosynthetic apparatus and the loss of photosynthetic pigment 
fluorescence. The loss of pigment fluorescence (“chlorosis”, Geider et al. 1993) correlates 
with decreased enzyme activity and increased membrane permeability (Franklin et al. 
2012). 
There was a change in relative SYTOX fluorescence per cell in relation to both 
salinity and temperature.  Figure 2.4.4 shows the relative SYTOX fluorescence for cells 
on the second day of exponential growth. At low temperatures (14.4 and 18.4 °C), 
cellular permeability was highest at 10 psu and decreased with increasing salinity. Higher 
temperatures (21.4, 24.4, 27.8 °C) resulted in the cellular permeability generally being the 
highest at the 20 psu. For all temperatures, except 24.4 °C, the 32 psu had the lowest 
relative SYTOX fluorescence per cell compared to the 20 and 10 psu treatment. By the 
last day of exponential growth (Figure 2.4.5) the relative SYTOX fluorescence per cell 
had decreased by 1-2 orders of magnitude for all treatments. A downward trend is 
observed for all salinity treatments as temperature increased, with the lowest relative 
SYTOX fluorescence per cell occurring at 27.8 °C. By the fourth day of stationary growth 
(Figure 2.4.6), there was little change in the relative SYTOX fluorescence per cell when 
compared to the last day of exponential growth for each treatment.  
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Figure 2.4.3 Total DIC remaining in the media on the last day of sampling for all 
temperatures and salinities tested. T=0 is the initial DIC concentration after NaHCO3 was 
added. Error bars indicate the range of duplicate (n=2) samples, except for T=0 and 21.4 
°C, where n=1. 
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Figure 4. Total DIC remaining in the media on the last day of sampling for 
all temperatures tested. T=0, which is the initial DIC concentration 
after NaHCO 3 was added.  Error bars indicat d the range of duplicate
(n=2) samples, except for T=0 and 21.4, which is only n=1. 
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Figure 2.4.4   Cell permeability after two days of exponential growth. Cell permeability 
was determined using the nucleic acid stain SYTOX, with cells during the second day of 
exponential growth. Bars represent the average of quadruplicate (n=4) samples, with error 
bars indicating one standard deviation. 
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Figure 5. Cell permeability using the nucleic acid stain SYTOX was 
determined using cells during the second day of exponential growth.  
Bars represent the averge of qudruplicate (n=4) samples, with error bars 
indicating one standard deviation.  
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Figure 2.4.5 Cell Permeability on the last day of exponential growth. Cell membrane 
permeability was determined using the nucleic acid stain SYTOX with cells from the last 
day of exponential growth. Bars represent the average of quadruplicate (n=4) samples, 
with error bars indicating one standard deviation. 
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Figure 6. Cell permeability using the nucleic acid stain SYTOX was 
determined using cells from the last day of exponential growth.  
Bars represent the averge of qudruplicate (n=4) samples, with error bars 
indicating one standard deviation.  
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Figure 2.4.6 Cell permeability after four days of stationary growth. Cell permeability was 
determined using the nucleic acid stain SYTOX with cells from the fourth day of 
stationary growth. The treatment at 32 psu and 18.4 °C was not included due to 
contamination, which resulted in a high relative fluorescence per cell. Bars represent the 
average of quadruplicate (n=4) samples, with error bars indicating one standard deviation. 
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Figure 7. Cell permeability using the nucleic acid stain SYTOX was 
determined using cells from the fourth day of stationary growth. 32 PSU 
treatment at 18.4°C was not included due to contamination, which 
resulted in a high relative fluoresence • cell-1 (i.e. 3,007±1,819 RFU • 
cell-1). Bars represent the averge of qudruplicate (n=4) samples, with 
error bars indicati g one standard deviatio .  
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It is important to note that the dates chosen for the last day of exponential growth 
is specific to the stage of growth for each culture and not the duration all treatments had 
been in culture. Likewise, the last sample collected for each temperature depended on 
reaching the fourth day of stationary growth.  Only Figure 2.4.4 represents cultures at 
different stages of physiological growth as the collected data are from the second day of 
the experiment and do not take into account the rate of growth for each culture.     
2.5 Conclusion 
 
The euryhaline nature of the raphidophyte, Heterosigma akashiwo, is a 
documented adaptive characteristic but the mechanism that allows for rapid adaptation to 
salinity, and the potential increase in ichthyotoxicity to brackish waters is poorly 
understood. Considering the increased temperatures predicted in the future and 
corresponding changes in oceanic salinity, it was alarming to note that maximal growth 
rates were attained at 20 psu, which increased with temperature from 14.7 °C to 24.4 °C 
(µ= 0.96 ± 0.08 to 1.48 ± 0.05 d-1), followed by 10 psu (0.70 ± 0.04 to 1.10 ± 0.21 d-1) and 
32 psu (µ= 0.67 ± 0.02 to 1.16 ± 0.12 d-1).  
Cell permeability, as measured with SYTOX-green that is commonly used to 
measure cell viability, indicated that cells grown at 20 psu and 10 psu had higher SYTOX 
fluorescence than 32 psu, possibly accounting for the cell’s process of osmotic regulation 
at low salinities. Additionally, cell permeability decreased with increasing temperatures, 
indicating that the cell’s enzymes are more functional at warmer temperatures and are 
better at utilizing and metabolizing nutrients to support the structure of their cell 
membranes. This finding can be supported from the DIC results that showed less DIC 
(indicating more intracellular particulate carbon concentrations) in cooler temperatures 
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compared to warmer temperatures. Cells are better able to acquire key nutrients as 
temperatures increase, due to the efficiency of their enzyme kinetics. 
Using SYTOX as a metric for assessing cell membrane permeability is a novel use 
of this fluorescent probe. The most interesting result indicated that H. akashiwo cells are 
more permeable during their exponential phase of growth compared to their stationary 
growth. This finding was surprising because it contradicts the prediction that cells are 
more fragile during the stationary phase of their growth cycle, when nutrients are 
depleted. The result can be explained by understanding the growth cycle of H. akashiwo 
and the cell’s unique ability at producing cysts when the alga enters stationary growth. 
When H. akashiwo can sense a time of nutrient limitation, in order to preserve the 
species, cells begin producing cysts that are better able at surviving low nutrient 
environments because of their decreased cell size, decreased nutrient demands, and 
increased cell membrane rigidity. By forming cysts, this strengthens their cell 
membranes, which may be why lowered SYTOX fluorescence was observed during 
stationary growth. 
Given the potential for harmful algal bloom outbreaks and favourable oceanic 
conditions anticipated for the future, H. akashiwo is a species likely to dominate and pose 
a threat in the marine ecosystem of the future ocean.  
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CHAPTER 3 
3. Growth kinetics, light utilization and lipid production of marine 
phytoplankton under different pH exposures 
 
3.1  Overview 
 This chapter establishes the relationship between growth (cell growth rate 
and yield), photosynthetic competences and neutral lipid composition of Heterosigma 
akashiwo strain NWMFS 503 under buffered pH environments that represent the future 
coastal ocean: ambient average oceanic pH 8.1, pH 7.8 (for the year 2050) and pH 7.4 
(for the year 2100). 
The findings for H. akashiwo strain NWMFS 503 are placed in comparison with 
the responses of three isolates (2 genera) of marine phytoplankton that are common 
inhabitants of the present coastal oceans:  the diatom Thalassiosira weissflogii CCMP 
strain 105, a phycocyanin-rich cyanobacterium, Synechococcus sp. strain CCMP 835 and 
a phycoerythrin-rich cyanobacterium, Synechococcus sp. strain CCMP 835.  
3.2 Introduction 
 Fundamental to the understanding of phytoplankton ecophysiology is defining the 
impacts of biotic and abiotic stresses. The future ocean will have elevated nutrient flux or 
concentrations, particularly the macro-nutrient, nitrogen that is a key factor in 
establishing a balance between light absorption and carbon assimilation.  These factors 
are increasingly important because of the frequent reports correlating HAB events to 
ocean acidification and eutrophication (Hallegraeff 1993, 2010; Burkholder 1998; 
Anderson et al. 2002; Riebesell 2004; Moore et al. 2009).  
 Photoautotrophs have developed a number of mechanisms to acclimate to 
imbalances between pH, light absorption and carbon assimilation (Sabina and Latala 
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2012). Such mechanisms involve the elevation or depression of individual pigments in the 
light harvesting complexes.   Under stress, phytoplankton can either decrease their light 
harvesting pigments concentration, increase their photoprotective pigments such as 
xanthophylls and carotenoids, or increase their shading photosynthetic components by 
accumulating UV-absorbing pigments (Marshall and Newman 2002; Harris et al. 2005; 
Falkowski and Raven 2007).  However, when exposed to longer periods of excessive pH 
and nutrient stressors, more sufficient physiological pathways of light energy dissipation 
are utilized, such as photorespiration (Portis and Parry 2007) or use of NAD(P)H 
produced from the photosynthetic electron transport chain (ETC) by the enzyme nitrate 
reductase (NR) (Lomas and Gilbert 1999). Although the use of the reductant NAD(P)H, 
by NR to assimilate nitrate has been proposed, it is reliant on the availability of nitrogen 
in the environment and an increased transcription of NR genes under conditions of lower 
pH has currently only been observed in diatoms  (Parker and Armbrust 2005). 
 Diatoms are responsible for roughly 40% of the total primary production in the 
oceans (Badger et al. 1998). It is understood that growth and photosynthesis of diatoms 
can be limited by CO2 availability (Riebesell et al. 1993), and primary production may be 
enhanced with the increased concentration of atmospheric CO2 (Hein and Sand-Jensen, 
1997; Riebsell and Tortell 2011). However, it has been suggested that the growth rates of 
diatoms will not change but rather the carbon balance within the cell will alter 
intracellular biochemistry, leading to the accumulation of carbon-rich lipids and fats 
(Tortell et al. 2000). Most diatoms operate carbon concentrating mechanisms (CCM) that 
actively transport CO2 or HCO3- across the cell membrane, to supply ribulose-1,5-
bisphosphate carboxylase oxygenase (RuBisCo) with carbon. The CCMs of different 
phytoplankton species and their corresponding growth conditions have demonstrated 
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different preferences for CO2 or HCO3- (Nimer et al. 1997; Burkhardt et al. 2001). For 
example, three different species of Thalassiosira all have different CCM: T. punctigera 
concentrates free CO2 (Elzenga et al. 2000), T. pseudonana concentrates both CO2 and 
HCO3- (Trimborn et al. 2009), while T. weissflogii operates a C4-like pathway to 
concentrate intracellular carbon, whereby carbon is stored as an organic C4 compound 
(malic or aspartic acid) coupled by the catalysis of phosphenolpyruvate carboxylase 
before RuBisCo fixation (Reinfelder et al. 2000). In general, operating a CCM is 
energetically costly and the energy saved from down-regulating a CCM under high levels 
of CO2 might stimulate growth when photosynthesis is light limited (Wu et al. 2010). One 
factor to consider is that down-regulating CCMs might result in light stress because the 
energy that was previously used to fuel active transport of CO2 or HCO3- no longer serves 
a purpose and may lead to photoinhibition (Wu et al. 2010). However, it is possible that 
this extra light energy and the down-regulation of CCMs could result in the up-regulation 
of an alternate physiological process such as the accumulation of lipids. 
 Cyanobacteria, particularly Synechococcus sp., are dominant contributors to 
global carbon and nitrogen cycling, especially in oligotrophic gyres (Capone et al. 2005). 
It has been reported that doubling pCO2 and increasing growth temperatures of 
Synechococcus sp. will significantly increase growth rates, photosynthetic capacity and 
cellular pigment levels (Fu et al. 2007). This can be attributed to the cyanobacterium 
down-regulating the function of their CCM under elevated CO2 (Badger and Andrews 
1982). However, there is a gap in our current knowledge of cyanobacterial responses to 
high pCO2 in nutrient-poor waters, given the potential increase in oligotrophic gyres from 
future ocean warming and resulting water mass stability stratification (Rost et al. 2008, 
Hutchins et al. 2009). Lomas et al. (2012) concluded that changes in pH/pCO2 within 
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Synechococcus are indirect and primarily controlled by the responses to other variables 
such as nutrient availability. Although Synechococcus tends to be a poorer quality food 
source in the diets of eukaryotic phytoplankton, their overall abundance and likelihood to 
grow in the future ocean warrants further investigation (Apple et al. 2011). 
 With pCO2 likely to affect phytoplankton community composition, problems 
could arise in HAB outbreaks of H. akashiwo.  Unlike Thalassiosira weissflogii and 
Synechococcus sp., H. akashiwo has not been found to have an active CCM.  Yet, 
laboratory experiments have demonstrated that increasing pCO2 coincided with increases 
in the cellular growth rates, carbon quotas and nitrogen quotas of this toxic raphidophyte 
(Fu et al. 2008). These changes were particularly accelerated under warmer temperatures 
predicted in our future ocean.  Should growth rates as well as carbon and nitrogen quotas 
increase in H. akashiwo, this could lead to problems associated with phytoplankton 
community assemblages dominated by this HAB, with consequent repercussions in the 
marine food-web dynamic. Speciation shifts are likely to be highly dependent on nutrient 
availability. 
  This chapter will establish the relative changes in the growth and photosynthetic 
efficiencies in the three common phytoplankton species; T. weissflogii, Synechococcus sp. 
and H. akashiwo, which result from the compounded stressors of ocean acidification and 
nutrient variability in the marine environment. Furthermore, the end of the chapter will 
describe some physiological differences in nutrient utilization that result from ocean 
acidification and nutrient variability, from the assessment of phytoplankton neutral lipid 
accumulation. Results provide insight on the competitive advantage that H. akashiwo 
could have in the future ocean, along with the total lipid value that this HAB might have 
within the oceanic food web. 
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3.3 Materials and methods 
3.3.1 Experimental design and rationale  
Experiments were designed to cover three variables associated with the future 
ocean: 1) changes in pH; 2) changes in the level of available nitrate for growth, and 3) 
changes in the level of bioavailable iron for cell growth.  Culture medium was adjusted to 
maintain a pH of 8.1, 7.8 and 7.4, which is representative of the current average ocean 
pH, the pH of the Eastern Boundary Upwelling System (EBUS), and the predicted future 
ocean pH of the year 2100, respectively (Feely et al. 2008). Variable nutrient conditions 
under each of the three-pH regimes consisted of experimental cultures at four different 
iron (Fe) concentrations, along with experimental cultures at two different nitrate (NO3-) 
concentrations to mimic conditions expected in the natural EBUS of the California 
Current System (CCS). 
3.3.2 Phytoplankton species selection 
Four phytoplankton isolates were chosen among species that would be commonly 
found in upwelled water from the EBUS.  Thalassiosira weissflogii a diatom strain from 
Culture Collection for Maine Phytoplankton (CCMP strain 1051) which was originally 
isolated from the North Pacific ocean on May 13, 1985. Also from the CCMP are two 
ecotypes of the cyanobacterium Synechococcus sp.  Strain CCMP 833 is a phycoerythrin -
rich cyanobacterium. Whereas the primary accessory pigment in strain CCMP 835 is 
phycocyanin.  These were isolated from the North Atlantic Ocean in 1982 and 1985, 
respectively. The marine raphidophyte, Heterosigma akashiwo NWFSC 503, isolated 
from the Salish Sea in 1990, was obtained from the Northwest Fisheries Science Center 
(NWFSC). All isolates were maintained as unialgal, non-axenic strains.   
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3.3.3 Culturing conditions 
Experimental culture libraries were maintained in 250 mL Erlenmeyer flasks 
containing 50 mL of autoclaved sterilized (heated to 121˚C and 16 psi for 20 min) 
modified enriched seawater artificial water (ESAW) medium, modified with f/2 nutrient 
enrichments (ESAW + f/2) (Harrison et al. 1980; Berges et al. 2001).  Cells were 
transferred using a 10% inoculum and maintained at a constant temperature (18°C) and 
continuous light irradiance of 100 µmol photons m-2 s-1 for T. weissflogii and H. 
akashiwo, and 60 µmol photons m-2 s-1 for Synechococcus sp.  Irradiance was supplied by 
cool white fluorescent light and measured using a Quantum Scalar Laboratory 2100 
irradiance sensor (Biospherical Instruments, San Diego, CA). To examine the dynamic 
variables of pH and nutrient uptake mechanisms controlling the chemistry of an acidic 
ocean, all laboratory experimentation (growth, photosynthetic performance and neutral 
lipid production) and analyses were carried out with isolates grown in batch cultures.  
3.3.4 Seawater acidification and maintenance of culture pH  
 3.3.4a Adjustment and maintenance of culture pH  
To adjust the pH of each batch culture for experimentation, 10 mM of HEPES (4-
(2-hydroxyethyl)-1-piperazineethanesulfonic acid) buffer was added to autoclaved ESAW 
+ f/2 medium in each flask to maintain culture pH during experimentation. The pH of the 
medium in each experimental flask was then individually titrated with 5 µL additions of 
either a 15% (v/v) HCl and Milli-Q® water, or a 5 M solution of NaOH until the desired 
pH of 7.4, 7.8 or 8.1 was reached.  The solution pH was monitored using a Thermo 
Scientific pH meter supplied with a glass pH electrode and Stainless Steel ATC probe 
(VWR Catalogue Number 14004-340). After, the medium was allowed to acclimate for 1 
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hour (up to a maximum of 24 hours) at the desired experimental temperature, prior to 
cells being added. 
To reduce the level of limiting nutrient transfer with inoculation, all experiments 
were started with cells in their stationary phase of growth. The following inoculation 
levels were used: T. weissflogii CCMP1051 was inoculated with a 20% (v/v) starting 
inoculum; H. akashiwo NWFSC 503 was inoculated with a 10% (v/v) starting inoculum; 
and Synechococcus sp. were inoculated with a 2% (v/v) starting inoculum.  
3.3.4b pH measurements 
For initial experiments, pH readings were taken daily to ensure experimental pH 
levels in the culture medium were not drifting greater than ± 0.05 pH units.  Once stable 
pH readings were established (Appendix Ι), culture pH readings were taken at three time 
points during experimentation: 24 hours after inoculation, the exponential growth phase 
and the stationary growth phase. For sampling, pH was measured by removing 20 mL of 
the culture and pipetting it into a 20 mL glass scintillation vial.  The medium was then 
immediately measured with the above-mentioned Thermo Scientific pH meter. 
3.3.5 Iron replete and deplete experiments 
To evaluate the effect of nutrient variation on the growth and neutral lipid 
composition of the cultures in this study, iron and nitrate additions were manipulated. All 
other nutrient additions to ESAW medium followed the f/2 recipe outlined in Algal 
Culturing Techniques (Guillard and Ryther 1962; Guillard 1975, summarized in 
Anderson 2005). Nutrient stock solutions were prepared with Milli-Q® water and filter 
sterilized (0.2 µm Millipore filters). All lab-ware used for culturing and experimentation 
was autoclaved (heated to 121˚C and 16 psi for 20 min) prior to use. 
 
	  59	  
3.3.5a Iron enrichment 
To explore the influence of iron on the growth and neutral lipid production in 
phytoplankton under the three established levels of pH, cultures were initially adjusted to 
the following final iron concentrations: 0.01, 0.1, 1.0 and 11.0 µM using FeCl36H2O. 
Once a divergent iron trend was established (Appendix ΙΙ), experimental iron 
concentrations were conducted at a 0.01 and 11.0 µM final medium concentration of 
FeCl36H2O. 
3.3.5b Nitrate enrichments 
To explore the influence of nitrate on the dynamics of growth and neutral lipid 
production at the desired pH variations, experiments were initially conducted at the 
standard f/2 level of 882 µM of NaNO3. Then employing a NO3- concentration more 
representative of EBUS, a final NaNO3 concentration of 80 µM was chosen to assess 
whether a more limited NO3- concentration would change the physiological principles that 
were analyzed in the study. 
3.3.6 Methods of analyses: growth measurements 
Cell counts were conducted throughout all experimentation to quantify the effects 
of growth by the combinational pressures of either high or low nutrients (Fe and NO3-) 
and high or low pH. H. akashiwo NWFSC 503 samples were counted using the 
PhytoCyt™ Flow Cytometer (Turner Designs, Inc.), while T. weissflogii samples were 
counted either under the microscope using a haemocytometer or optical density using 
spectrophotometry, and Synechococcus sp. samples were counted using optical density 
through spectrophotometry.  
For all count metrics, maximal yields (yieldmax in units cells mL-1) were averaged 
from three consecutive days, on four separate cultures. Maximal growth rates (µmax in 
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units day-1) were determined from the slope of a linear regression (the coefficient of 
correlation [R2] ≥ 0.95) of the natural logarithm of cell density versus time during 
exponential growth (Guillard, 1973). For all species, the length of the lag phase was 
calculated based on the number of days preceding exponential growth. 
3.3.6a Flow Cytometry counts 
Daily samples of H. akashiwo NWFSC 503 (0.5 mL in 1.5mL Eppendorf® Safe-
Lock microcentrifuge tubes) were removed from culture under a Laminar flow hood and 
counted using the PhytoCyt™ Flow Cytometer (Turner Designs, Inc.).  The flow 
cytometer was setup to measure endogenous fluorophores common to H. akashiwo 
NWFSC 503 (primarily chlorophyll-a; cytometer detector FL-3) against the forward 
scatter (FSC) of particles.  Cells from a 50-µL subsample were counted and converted to 
cells mL-1.  Multiple sub-sampling counteracted instrument variation.  
3.3.6b Haemocytometer 
Direct cell counts were performed using a haemocytometer to calculate cell 
density (in units cells mL-1). For each treatment, a culture sample was enumerated on a 
haemocytometer such that a minimum of six fields were counted until the percentage 
standardized variation (% SV) for the number of cells per field was less than 10%, 
according to the following equation:  
%𝑆𝑉 = 𝑠𝑛
𝑋
	  X	  100	  
                       	  
where s is the standard deviation, x is the mean of the number of cells per field, and n is 
the number of fields counted.  
3.3.6c Spectrophotometer 
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Optical density, calculated by measuring absorbance at 720 nm with a DU 640 
spectrophotometer (Beckman Coulter), calibrated to flow cytometry or haemocytometer 
measurements, was used to measure phytoplankton density (Held, 2011). To avoid 
performing cell counts on cylindrical isolates, such as T. weissflogii CCMP 1051 and 
small isolates, such as Synechococcus sp., optical density was used as a proxy for cell 
densities.   
3.3.7 Photosynthetic performance 
The photosynthetic performance of cultures grown under the combinational 
pressures of pH and nutrient regimes was evaluated using light specific oxygen evolution 
(P vs. E) and Pulse Amplitude Modulatory (PAM) fluorometry methodology. 
Photosynthetic performance was measured for each sample on selected days: time zero 
(the day of inoculation), the exponential growth phase and the stationary growth phase. 
Over this timeframe, cells were kept at their optimal growth conditions and reassessed for 
any variance in their efficiency of capturing light for metabolism. On the selected days of 
analyses, the samples of each treatment were concentrated to achieve stronger instrument 
readings.  
3.3.7a Sample concentration 
Prior to assessing photosynthetic performance, cultures from a 15% (v/v) 
stationary inoculum of T. weissflogii CMPP 1051 were concentrated 20 fold. The 20 fold 
concentration was performed by pipetting 32 mL of each treatment in Oak Ridge Nalgene 
polysulfone centrifuge tubes and concentrating the sample by centrifuging the volumes at 
a relative centrifugal force (RCF) of 3,000 g for 5 minutes using the Avanti J-25I and J-E 
Beckman Coulter centrifuge. Cultures from a 4% (v/v) starting inoculum of 
Synechococcus sp. and a 20% (v/v) starting inoculum of H. akashiwo NWFSC 503 were 
	  62	  
pipetted in Oak Ridge Nalgene polysulfone centrifuge tubes. Samples were spun for 15 
minutes at a RCF of 1500g in the Avanti J-25I and J-E Beckman Coulter centrifuge to 
achieve a 50-fold concentration. The resulting supernatants were decanted to obtain a 
pellet of cells. Each pellet was resuspended in 1.6 mL of the supernatant and pipetted into 
a 2 mL Eppendorf® Safe-Lock microcentrifuge tubes. Samples were dark incubated for 
30 minutes prior to testing. 
 3.3.7b Pulse Amplitude Modulatory Fluorometry (PAM) 
After cell concentration, a PAM-2500 High-performance chlorophyll fluorometer 
with PamWin-3 software (Heinz Walz GmbH, 2008, Germany) was used to evaluate in 
vivo cellular fluorescence capacity through variable fluorescence (Fv/Fm), effectively 
measuring the quantum efficiency of photosystem ΙΙ, an indicator of stress. Exposure 
times of 30-second pulses of actinic light (ranging from 0 to 825 µmol /m2/sec) were 
evaluated. After PAM fluorometry was employed, the samples were placed back into 
their respective microcentrifuge tubes and dark incubated for another 30 minutes prior to 
oxygen-evolution analyses. 
3.3.7c Oxygen evolution 
With the same samples used for PAM fluorometry, photosynthetic performance 
was examined by measuring oxygen production rates (µmol O2 m-1) under increasing 
light exposure (P vs. E). Cells were evaluated for their ability to harvest light energy and 
effectively process the energy needed for carbon acquisition, by determining oxygen 
evolution rates using a Clark-type O2 electrode (Oxy-lab 2.0, 2004, Hansatech Instrument 
Ltd., England with Oxylab32 software) (Appendix ΙΙΙ). 
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The oxygen electrode was calibrated using ambient air to set the maximum 
oxygen evolution capacity and nitrogen dioxide gas for the minimum oxygen evolution 
capacity. Calibration and measurement guidelines were closely followed in the LD 2/3 
Hansatech Instruments Oxygen Electrode Chamber operating manual to measure oxygen 
evolution rates. A template was created to assess the amount of oxygen released from the 
cells at increasing light irradiances over a period of 26 minutes at a specific light flux 
ranging from 0 - 800 µmol quanta m-2 s-1. Additionally, a 1 M solution of sodium 
bicarbonate was prepared by dissolving 0.084 grams of sodium bicarbonate in 1 mL of 
distilled water.  
After calibration, 1.5 mL of the concentrated sample was added to the sample 
chamber along with 7.5 μL of the 1 M sodium bicarbonate solution to ensure 
photosynthesis was not limited by the lack of carbon dioxide in the closed chamber. At 13 
intervals of 2 minutes over a 26 minute time period, the following light irradiances were 
applied to each sample: 0, 20, 40, 60, 80, 100, 150, 200, 250, 300, 400, 500 and 800 
(μmol	  quanta	  m-­‐2	  s-­‐1). Oxygen evolution rates were recorded for each 2-minute time 
interval. 
3.3.7d Chlorophyll-a isolation 
 After all photosynthetic analyses were performed, chlorophyll-a was extracted to 
normalize photosynthetic rates to chlorophyll-a cell-1. Chlorophyll was extracted 
according to the method described in Morgan-Kiss et al. (2002).  Cells were pelleted by 
centrifugation (Eppendorf minifuge) at 12,000 rotations per minute (RPM) for 5 min. 
After centrifugation, the supernatant was removed and samples were placed on ice.  The 
pellet was re-suspended in 1.5 mL of 90% acetone and fractioned with 0.1mm silica 
beads for 30 seconds using a bead beater. Samples were placed on ice between 
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fractionation. After the beads and debris settled, the supernatant was transferred to a 
microcentrifuge tube and centrifuged for 5 minutes at 12,000 RPM. The absorption of 1 
mL of the supernatant was measured in a 1 mL (1 cm length) quartz cuvette in the DU 
640 spectrophotometer (Beckman Coulter) at 664 nm (A664) and 647 nm (A647) and total 
chlorophyll content was calculated according to the formula outlined in Jeffrey and 
Humphrey (1975):  Total  Chlorophyll  (µμ𝑔  mL-­‐1)  =  [Chlorophyll-­‐𝑎:  11.93  𝐴664−1.93  𝐴647]  +  [Chlorophyll-­‐𝑏:  20.36  𝐴647−5.50  𝐴664]  
3.3.8 Nile red lipid analyses 
Total intracellular neutral lipid content was estimated using a Nile Red 
fluorescence assay (Bjornsson 2009) and a fluorescence spectrophotometer (Cary Eclipse, 
Varian) fixed with a multi-well plate attachment set to read chemi/bio-luminescence from 
540 nm to 700 nm.  
The fluorescent probe Nile red (9-(diethylamino)-5H benzo phenoxa-zin-5-one), 
stains intracellular lipid droplets and allows for a semi-quantitative estimate of total 
neutral lipid content to be made based on its fluorescence emission intensity in the 
spectrophotometer (Bjornsson 2009; Held et al. 2011). The degree to which the sample 
fluoresced served as a proxy for intracellular lipid content. Samples were prepared in a 2 
mL deep 96-multiwell plate (MWP) (BD, Bioscience) and evaluated on the plate reader in 
300 µL analytical triplicates using a 300 µL deep 96-MWP. The MWPs were arranged 
according to Appendix ΙV.  
3.4 Results 
 Ocean acidification leads to a decrease in the pH of seawater, which in some cases 
affected the chemistry of nutrients, in particular, iron (Fe) and nitrogen (N), thereby 
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altering phytoplankton homeostasis. My experimental focus was to observe the combined 
effects of pH change and the bioavailability of iron. Prior to working with different iron 
concentrations and pH values as variables, preliminary work was essential to establish a 
method of acidification that would not change the growth rate of the phytoplankton 
species examined. Two methods were used to acidify laboratory cultures: acid/base 
titration and CO2-bubbling, the former was examined first. 
3.4.1. Acidification 
3.4.1a Examining acid/base titration pH changes in media without cell culture  
HCl was used to adjust the pH of ESAW medium to 7.4, 7.8 or 8.1. As shown in 
Figure 3.1, in the absence of cells, the pH remained stable over time. This was a key 
starting point to confirm that any pH fluctuation to occur after cultures were inoculated 
for experimentation was solely the result of algal activity, and not ambient air diffusion 
into the medium.  The average pH and deviation of pH changes in treatments titrated to 
pH 7.4, 7.8 and 8.1 over the 5 day time frame was: 7.46 ± 0.08, 7.81 ± 0.02 and 8.08 ± 
0.03, respectively. The standard deviation values represent the average change in pH that 
can be expected thought future experimentation. 
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Figure 3.1 pH readings over 5 days of ESAW medium adjusted to pH 7.4, 7.8 and 8.1 
with HCl, in the absence of cells. The average pH and deviation of pH changes over the 5 
day time frame was: 7.46 ± 0.080, 7.81 ± 0.023 and 8.08 ± 0.033, respectively (n=1). 
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3.4.1b Examining pH changes in media with phytoplankton 
 When phytoplankton are grown in artificial seawater medium (ESAW), one of 
their primary sources of carbon comes from the addition of bicarbonate (HCO3-). HCO3- 
has an intrinsic buffering capability to maintain the pH of the medium that phytoplankton 
are grown in, because cells utilize HCO3- for carbon acquisition for photosynthesis. The 
intrinsic buffering capability of HCO3- in ESAW medium adjusted with HCl was 
examined with the addition of Synechococcus sp. cells. As shown in Fig. 3.2, when 
ESAW medium was adjusted to the desired pH using HCl and phytoplankton cells were 
then added, the pH of the culture rose to an average of 9.4, irrespective of the starting pH 
adjustment. These results demonstrated the necessity of adding an additional buffering 
agent to maintain the pH for ocean acidification experiments involving the acid/base 
titration method. A pH of 7.4 represents 40 nM L-1 (4 x10-8 M) of H+ ions, pH 7.8 
represents nM L-1 (1.5 x 10-8 M) of H+ ions, 8.1 represents 7.9 nM L-1 (7.9 x 10-9 M) of 
H+ ions, and these values all rose to an average of pH 9.4, which represents 0.4 nM L-1 
(4.0X10-10 M) of H+ ions in solution. To illustrate, a pH change from 7.4 to 9.4 represents 
100× more H+ ions, 7.8 to 9.4 represents 37.5 × more H+ ions and pH 8.1 to 9.4 represents 
19.75 × more H+ ions in solution. 
3.4.1c Buffer selection 
ESAW medium has a weak intrinsic buffering ability to resist changes in pH that 
occur as phytoplankton grow and utilize carbon, through the addition of HCO32-.  To 
determine the effects of adding an additional chemical buffering agent to the pH of the 
ESAW medium, three commercial buffers (Good’s buffers) were examined: HEPES, TES 
and Tricine (Appendix Ι).  Three levels of buffers were investigated for their ability to 
resist pH change over time (0.56 mM, 2.7 mM and 10 mM). The addition of HEPES 
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buffer was found to be the most effective at resisting pH change (Fig. 3.3), while not 
affecting cell growth rates (Table 3.1) and cell yields (Table 3.2). The results confirmed 
the necessity of adding a buffering agent to resist pH changes that resulted from 
biological activity to all experimental cultures for acid/base pH manipulation. 
 
 
 
 
 
 
Figure 3.2  Non-buffered Synechococcus sp. CCMP 833 in ESAW medium adjusted to a 
pH of 7.4, 7.8, and 8.1 with 10% HCl.  
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Figure 3.3. pH changes in acid/base titrated cultures over a 5-day growth period for 
Synechococcus sp. CCMP 833 grown in ESAW medium (880 µM N) with the addition of 
HEPES buffer at a concentration of A) 0.56 mM B) 2.7 mM and C) 10 mM (n=1).  
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  0.56 mM 2.7 mM 10mM No buffer 
pH 7.4 0.823 0.815 0.801  
pH 7.8 0.803 0.767 0.724  
pH 8.1 0.863 0.793 0.863  
Control       0.84 
     
 
 
Table 3.1 Growth rates (divisions day -1) of Synechococcus sp. CCMP 833 grown in 
ESAW (+ f/2 nutrients), supplemented with three different concentrations of HEPES 
buffer. 
 
 
 
 
 
 
 
 
  0.56 mM 2.7 mM 10mM No buffer 
pH 7.4 0.048 0.051 0.054   
pH 7.8 0.057 0.036 0.062   
pH 8.1 0.052 0.041 0.054   
Control       0.051 
 
 
Table 3.2 Optical density (720 nm) as a proxy for cell yield of Synechococcus sp. 
CCVMP 833 grown in ESAW (+f/2 nutrients), supplemented with three different 
concentrations of HEPES buffer. 
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3.4.1d Fe selection 
Growth for Synechococcus sp. CCMP 833 under the combined stresses of pH and 
iron was examined (with the addition of HEPES buffer) to confirm any growth changes 
that the buffer might impose on the algae (Fig. 3.4).  It was critical to assess this 
parameter to verify that any changes in growth were due to the pressures of pH or iron 
concentrations, and not the result of adding a buffering agent. HEPES buffer did not 
affect the algal growth rate or growth yield, however, acid/base titration limited biomass, 
as will be noted in section 3.4.8. 
 In order to select two iron enrichments to add to ESAW medium (one to maximize 
algal growth and one to restrict algal growth), four iron concentrations were examined. 
Cell density for each pH (7.4, 7.8 and 8.1) treatment in Fe-rich conditions (1.0 µM FeCl3 
and 11.0 µM FeCl3) and low iron growth conditions (0.01 µM FeCl3 and 0.1 µM FeCl3) 
were examined to assess combined effects of pH and Fe. It was noted that growth rates 
(day-1) in the Fe-poor conditions (0.01 µM FeCl3 and 0.1 µM FeCl3) were not different 
from one another, and growth rates within the Fe-rich conditions (1.0 µM FeCl3 and 11.0 
µM FeCl3) were not different from one another. Additionally, the growth rates among pH 
treatments were not different within the Fe-poor conditions (0.01 µM FeCl3 and 0.1 µM 
FeCl3) and within the Fe-rich conditions (1.0 µM FeCl3 and 11.0 µM FeCl3) meaning that 
pH stress is what restricted growth rates of the system, since growth rates decrease with 
decreasing pH (Fig. 3.4). 
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Figure 3.4 Average growth rate (day-1±SD) of Synechococcus sp. CCMP 833 grown in 
ESAW medium (880 µM N) at varying iron concentrations (0.01µM, 0.1µM, 1.0µM and 
11.0µM FeCl3) and pH levels (7.4, 7.8 and 8.1). Bars with different letters represent 
statistically different treatment effects based on Tukey’s b post hoc test (n = 3), 
(F=36.331, df=2, p<0.001). 
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Since there was no difference in growth rates of Synechococcus sp. CCMP 833 
cultures among the Fe-poor conditions (0.01 µM FeCl3 and 0.1 µM FeCl3) and among the 
Fe-rich conditions (1.0 µM FeCl3 and 11.0 µM FeCl3), all future experiments were 
conducted at only two of these chosen iron concentrations: low iron (0.01 µM FeCl3) and 
high iron (11.0 µM FeCl3). Growth curves for Synechococcus sp. CCMP 833 (Figure 3.5) 
and Synechococcus sp. CCMP 835 (Fig. 3.6) were similar, however, in the diatom species 
T. weissflogii CCMP 1051, pH and iron had no effect on growth rate (Fig. 3.7). 
For the flagellate H. akashiwo NWFSC 503 examined in this study, there was 
once again no difference in growth rates or cell density between the two Fe-poor 
enrichments (0.01 µM FeCl3 and 0.1 µM FeCl3) or between the two Fe-rich enrichments 
(1.0 µM FeCl3 and 11.0 µM FeCl3).  Iron was growth limiting at the two lowest levels of 
iron (based on the reduced cell yield).  Yet the growth rates of H. akashiwo NWFSC 503 
was not impacted under any of the pH conditions (Figs. 3.8 and 3.9).  
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Figure 3.5 Growth curve of Synechococcus sp. CCMP 833 grown in ESAW medium 
(880 µM N) with altered iron concentrations and pH levels. Growth is expressed as the 
natural logarithm of cell density (n=3). 
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Figure 3.6 Growth curve of Synechococcus sp. CCMP 835 grown in ESAW medium 
(880 µM N) with altered iron concentrations and pH levels. Growth is expressed as the 
natural logarithm of cell density (n=3). 
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Figure 3.7  Growth curve of Thalassiosira weissflogii CCMP 1051 grown in ESAW 
medium (880µM N) with altered iron concentrations and pH levels. Growth is expressed 
as the natural logarithm of cell density (n=3).  
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Figure 3.8  Growth curve of H. akashiwo NWFSC 503 grown in ESAW medium (880 
µM N) with altered iron concentrations and pH levels. Growth is expressed as the natural 
logarithm of cell density (n=3).  
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Figure 3.9 Mean growth rate (day-1 ± SD) of H. akashiwo NWFSC 503 grown in ESAW 
medium (880 µM N) at varying iron concentrations and pH levels (n = 3). Significant	  differences	  were	  observed	  across	  iron	  limited	  levels	  (0.01	  and	  0.1 µM Fe)	  and	  pH	  levels,	  but	  there	  was	  no	  observed	  significant	  interaction	  effect	  between	  pH	  or	  high	  iron	  levels	  (0.01	  and	  0.1 µM Fe),	  (iron:	  F=4.328, Df= 3, 22, P= 0.0166;	  pH:	  F=3.565, 
Df= 2, 22, P= 0.04561).	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3.4.2 Algal growth 
To assess whether ocean acidification in Fe-rich and Fe-poor medium would alter 
growth characteristics of phytoplankton, growth rates were assessed. In both 
Synechococcus sp. CCMP 835  (Fig. 3.10) and Synechococcus sp. CCMP 833  (Fig. 
3.11), there was not a significant difference in the mean growth rates among different 
levels of pH, but there was a significant difference in the mean growth rates among the 
different levels of iron (within any given pH treatment). Therefore, acidification using an 
acid/base buffering method to change pH did not drive growth rate differences.  Except in 
the case of Synechococcus sp.  In comparison, growth rates in the diatom, T. weissflogii 
CCMP 1051, were not different among any pH or iron treatments (Fig. 3.12).  
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Figure 3.10 Mean growth rate (day-1± SD) of Synechococcus sp. 835 at grown in ESAW 
medium (880 µM N) at varying iron concentrations and pH levels. Bars with different 
letters represent statistically different treatment effects based on Tukey’s b post hoc test 
(n = 3), (F=1.257,	  df=2,	  p<0.001).  
 
 
 
Figure 3.11 Mean growth rate (day-1±SD) of Synechococcus sp. CCMP 833 grown in 
ESAW medium (880 µM N) at varying iron concentrations and pH levels. Bars with 
different letters represent statistically different treatment effects based on Tukey’s b post 
hoc test (n = 3), (F=2.405,	  df=2,	  p<0.001). 
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Figure 3.12 Mean growth rate (day-1± SD) of T. weissflogii CCMP 1051 grown in ESAW 
medium (880 µM N) at varying iron concentrations and pH levels (n =3) representing no 
significant difference between iron and pH level (F=2.485,	  df=2,	  p=0.138). 
 
 
3.4.3 Cell density variation among iron and pH treatments 
 Photoautotrophs have developed a number of mechanisms to acclimate to 
imbalances between pH, light absorption and carbon assimilation. Such mechanisms 
involve light harvesting complexes, where cells can either decrease the concentrations of 
their light harvesting pigments, increase their photoprotective pigments such as 
xanthophylls and carotenoids, or increase their shading photosynthetic components. To 
assess these plausible changes, cell density was observed. In Synechococcus sp., there 
was an observable density variation between the iron-limited enrichments (0.01 µM FeCl3 
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and 0.1 µM FeCl3) and the iron-rich enrichments (1.0 µM FeCl3 and 11.0 µM FeCl3). 
Less pigment (meaning either low cell density and/or less chlorophyll per cell) was 
displayed in Fe-poor enrichments, as predicted due to lower nutrient concentrations- a 
driver of cell density changes. Not only was there cell pigment density variation among 
iron enrichments (as shown across the rows in Fig. 3.13), but also density/pigment 
variation was visible between pH levels. With decreasing pH, there was less 
density/pigments in all phytoplankton isolates, with the exception of the diatom, T. 
weissflogii CCMP 1051, which only exhibited less density/pigments in the iron-poor 
treatment at pH 7.4.  
 
3.4.4 Chlorophyll 
 
Chlorophyll production was used as an indicator of algal light harvesting potential 
under the combined stresses of pH and iron availability. Before examining chlorophyll 
production, assessing whether the use of HEPES buffer would alter the raw chlorophyll 
fluorescence (RFU) produced by phytoplankton (thereby changing the amount of 
chlorophyll), was tested. HEPES buffer did not have an impact on chlorophyll 
fluorescence when a control culture grown without the addition of HEPES and an 
experimental culture grown with the addition HEPES was compared (results not shown).  
Results of total chlorophyll-a production from cultrures grown in ESAW (880 µM 
N) were used as a proxy for growth, and showed a similar pattern to growth rate 
measurements. In the iron-poor enrichments (0.01µM FeCl3), the low iron concentrations 
are what limited the total isolated chlorophyll-a (mg). Therefore, when iron was limited, 
there was no significant difference in the amount of chlorophyll-a produced between 
different pH levels in both cyanobacterium isolates examined, Synechococcus sp. CCMP 
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835 (Fig. 3.14) and Synechococcus sp. CCMP 833 (Fig. 3.15). When the iron enrichment 
was high (11.0 µM FeCl3), however, there was a significant difference in the amount of 
chlorophyll-a produced in both cyanobacterium isolates, but there was not a significant 
interaction between pH and iron for Synechococcus sp. CCMP 835 (Fig. 3.14) and 
Synechococcus sp. CCMP 833 (Fig. 3.15). Two reasons could explain this result: this 
could be the result of either less cells or less chlorophyll within each cell. 
A different trend was noted in the phytoplankton isolates: T. weissflogii CCMP 
1051 and H. akashiwo NWFSC 503 grown in ESAW medium (880µM N). In the iron-
poor and iron-rich enrichments (0.01 µM FeCl3 and 11.0 µM FeCl3) for T. weissflogii 
CCMP 1051, the total isolated chlorophyll-a levels were lowest in only the treatment that 
had a combined stress of acidification at pH 7.4 and iron limitation at 0.01 µM FeCl3, 
which explaines why this was the only treatment with the lowest visible pigment (or cell 
density as noted in the previous section). All other treatments demonstrated no difference 
in the amount of chlorophyll-a (mg) present between pH levels and iron concentrations 
(Fig. 3.16).  
In H. akashiwo NWFSC 503, when iron enrichment was low, chlorophyll-a 
production was highest at a moderate pH level of 7.8, compared to the acidic (7.4) and 
ambient (8.1) pH treatments. Within the high iron enrichments, there was no difference in 
chlorophyll-a production at any of the pH levels examined. Similarly to the cyanobaceria 
examined in this study, it was the limitation of iron and not pH that drove differences in 
chlorophyll-a production for H. akashiwo NWFSC 503 (Fig. 3.17). 
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Figure 3.14 Mean chlorophyll-a values (mg/mL) on day 5 and day 9 of growth for 
Synechococcus sp. CCMP 835 grown in ESAW medium with 880 µM N. Within day 5 
and day 9, bars with different letters indicate statistically significant chlorophyll 
differences among treatments, based on Tukey’s b post hoc test (n = 3).  
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Figure 3.15 Mean chlorophyll-a values (mg/mL) on day 5 and day 9 of growth for 
Synechococcus sp. CCMP 833 grown in ESAW medium with 880 µM N. Within day 5 
and day 9, bars with different letters indicate statistically significant chlorophyll 
differences among treatments, based on Tukey’s b post hoc test (n = 3).  
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Figure 3.16 Mean chlorophyll-a values (mg/mL) on day 5 and day 9 of growth for T.  
weissflogii  CCMP1051 grown in ESAW medium with 880 µM N (n = 3).  
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Figure 3.17 Mean chlorophyll-a values (mg/mL) on day 5 and day 9 of growth for H. 
akashiwo NWFSC 503 grown in ESAW medium with 880 µM N (n=3). 
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3.4.5 Oxygen evolution 
 It has been suggested that it is unlikely that an increase in CO2 expected by the 
year 2100 (pH 7.4) will have a significant direct effect on photosynthesis in 
phytoplankton because of their ability to concentrate carbon using a CCM (ref). However, 
pH affects the availability of nutrients, and this has been proposed to alter their rate of 
growth and photosynthesis (The Royal Society, 2005). To assess if photosynthetic ability 
in planktonic algae is impaired resulting from ocean acidification, photosynthesis (that is, 
oxygen evolution) was examined at each pH level (7.4, 7.8 and 8.1) in iron-poor (0.01 
µM FeCl3) and iron-rich (11.0 µM FeCl3) enrichments with cells grown in ESAW 
medium (880 µM N enrichment). Photosynthetic efficiency, apparent and true 
photosynthetic capacity, and photorespiration were examined and results are outlined at 
low iron (0.01µM) in Table 3.3 (A), and high iron (11.0 µM) in Table 3.3 (B).   
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A difference in the response of growth rates to CO2 does not necessarily translate 
to similar differences in photosynthetic affinity for CO2 (Raven et al. 1993; Beardall et al. 
1998). For this reason, oxygen evolution rates were used as a proxy to examine carbon 
acquisition rates in phytoplankton, as O2-evolution occurs in a 1:1 ratio with CO2-uptake. 
Since photoautotrophic algae have different photosynthetic responses to inorganic carbon 
concentration, algae are likely to respond differently to current and future changes in 
ocean pH (or atmospheric CO2). When examining oxygen evolution rates, a similar 
pattern was observed in the cyanobacteria Synechococcus sp. CCMP 835 (Fig. 3.18), 
Synechococcus sp. CCMP 833 (Fig. 3.19) and in the flagellate H. akashiwo NWFSC 503 
(Fig. 3.20), but a different trend was noticed in the oxygen evolution curves of the diatom 
T. weissflogii CCMP 1051 (Fig. 3.21).  
For the cyanobacteria and H. akashiwo, low iron enrichment and acidic (pH 7.4) 
conditions resulted in cells having the highest rates of oxygen evolution. By stationary 
growth, the cells with low iron enrichment exhibited no change in photosynthesis whereas 
the cells with high iron enrichment showed a significantly lower maximum 
photosynthetic capacity. 
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A) 
 
B)  
 
Figure 3.18 Oxygen evolution of Synechococcus sp. CCMP 835 grown in ESAW medium 
(880 µM) at varying iron enrichments (0.01 and 11.0 µM) and pH levels (7.4, 7.8 and 8.1) 
during: A) exponential growth phase and B) stationary growth phase (n=3). 
 
	  92	  
A) 	  	  	  	  	  	  	  	  	  	  	  
B)  
 
Figure 3.19 Oxygen evolution of Synechococcus sp. CCMP 833 grown in ESAW 
medium (880 µM) at varying iron enrichments (0.01 and 11.0 µM) and pH levels (7.4, 
7.8 and 8.1) during: A) exponential growth phase and B) stationary growth phase (n = 
3).  
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Figure 3.20 Oxygen evolution of Heterosigma akashiwo NWFSC 503 grown in ESAW 
medium (880 µM) at varying iron enrichments (0.01 and 11.0 µM) and levels of acidity 
pH (7.4, 7.8 and 8.1) during exponential growth (n = 2). There was a significant 
interaction between low pH and oxygen evolution in the low iron treatment compared 
(F=7.288, df=1.8, 29, p=0.0115), but no interaction with irradiance and high pH with high 
iron (F=60.688, df= 1, 29, p=0.0283). 
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 Unlike the phytoplankton isolates described above, the diatom T. weissflogii 
CCMP 1051 demonstrated a different photosynthetic efficiency and photosynthetic 
capacity trend in the oxygen evolution rates (Fig. 3.21). During, the cells grown at 
ambient pH (8.1) with a high iron enrichment (11 µM) had the highest rate of oxygen 
evolution compared to the acidified cells at pH (7.4) with a low iron enrichment (0.01 
µM). All other iron enrichments and pH conditions residing between the two treatment 
extremes were not different from one another. By stationary growth, there was no 
significant difference in the rates of oxygen evolution among any treatment, as the overall 
rates decreased with the aging algal population. 
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A)  
 B)   
Figure 3.21 Oxygen evolution curve of T.weissglofii CCMP 1051 grown in ESAW 
medium (880 µM) at varying iron concentrations (0.01 and 11.0 µM) and levels of acidity 
pH (7.4, 7.8 and 8.1) during: A) exponential growth phase and B) stationary growth phase 
(n=3). 
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3.4.6 Nitrogen enrichments on lipid production 
 Several studies have pointed out the link between overabundant nitrogen 
enrichment inducing greater cell yield and their interaction with fatty acid biosynthesis 
(refs). With ESAW + f/2 nutrients containing 880 µM N, it was thought that this N 
concentration might be too high for the accurate conclusion that potential fatty acid 
changes to be seen are the result of acidification, and not the lack of carbon available in 
vitro from the N concentration being in abundance. The decision to re-examine 
phytoplankton physiological effects by moving to a lowered N concentration (in balance 
with C-enrichment via bicarbonate) were evident. Upon examining the growth curves of 
H. akashiwo NWFSC 503 at various N-concentrations (Fig. 3.22) and observing the 
differences in cell yield of H. akashiwo NWFSC 503 (Table 3.4), an N-concentration of 
80 μM was chosen to proceed with fatty acid experimentation. At this concentration, 
nutrients were limited in a carbon, nitrogen and phosphate ratio of 258:10:1- three 
nutrients known to induce cell density changes, thereby affecting growth and fatty acid 
biosynthesis. By limiting N in balance with C and P, one may conclude that any fatty acid 
changes are the result of ocean acidification pH effects, and not the lack of available 
carbon due to the overabundance of N. 
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Nitrogen concentration 
(μM) 
Growth rate  
(divisions day-1) Yield (cells mL-1)  
88  0.5695  42940  
176  0.5314  117146  
441  0.6111  202006  
882  0.6206  295080  
1764   0.5946   310986   
 
Table 3.4 Growth rate (divisions day-1) and cell yield (cells mL-1) of H. akashiwo  
NWFSC 503 grown in ESAW medium at various initial N concentrations. More details 
required. At what days were these measurements made? How can the number of 
divisions/day be essentially the same, but the cell yield be so different?  
 
 
 
 
 
 
Figure 3.22 Log normalized growth curve of H. akashiwo NWFSC 503 grown in ESAW 
medium +f/2 nutrients at varying N-concentrations (n=1).  
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 As shown in Fig. 3.23, neutral lipid production in H. akashiwo NWFSC 503, as 
measured by the nile red assay was highest in the low N treatment when the culture was 3 
days into its stationary growth phase. As the culture began to scenese, total neutral lipid 
production decreased. These results reinforceed the selection of choosing a low N 
concentration for future experimentations.  
 
Figure 3.23 Neutral lipid content (% of the Chemically Defined Lipid Concentrate, 
CDLC) over time  in H.akashiwo 503 at varying N concentrations. Nitrogen limitation 
showed a significant effect in enhancing lipid content (F=14.46, Df= 4, 134, P= 7.68X 10-
10) which also was significant based on day of growth (F=13.757, Df= 9, 134, P= 7.68X 
10-15). 
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3.4.7 Low N enrichment on growth and lipid production 
 The following experiments were conducted with cultures grown in ESAW 
medium +f/2 nutrients with 80 µM N at a nutrient ratio concentration of C:N:P (258:10:1) 
based on the nirogen selectrion results from section 3.3.6. It is interesting to note the 
differences in the results with cultures grown at 80 µM N compared to the results from 
sections 3.3.2-3.3.5, using 880 µM N. With the aforemntioned nutrient enrichments, each 
culture consisted of a treatment of low and high iron (0.01 µM and 11.0 µM, respectively) 
at a low and high pH (7.4 and 8.1, respectively) that was acidified using the acid/base 
titration methodology. 
 3.4.7a Algal growth 
 There were no growth rate or growth yeild differences between any algal isolates 
examined at any of the iron or pH treatments with the exception of both cyanobacterium 
isolates examined: Synechococcus sp. CCMP 833 and Synechococcus sp. CCMP 835 
(Fig. 3.24). The cyanobacteria experienced a slower growth rate under the combinational 
pressures of a pH of 7.4 and an iron enrichment of 0.01µM compared to all other 
treatments. Therefore, when N concentrations are low, growth rate and growth yield 
generally remain unaffected by ocean acidification at varying iron concentrations. 
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Figure 3.24 Growth curve of Synechococcus sp. CCMP 833, Synechococcus sp. CCMP 
835, T. weissflogii CCMP 1051, and H. akashiwo NWFSC 503 over a 20-day time period 
at a low iron concentration of 0.01µM, a high iron concentration of 11.0µM and a pH of 
7.4 and 8.1. Growth rate (α) and yield (β) were not different among treatments, with the 
exception of a lowered growth rate in Synechococcus sp. CCMP 833 and Synechococcus 
sp. CCMP 835 at a pH of 7.4 and 0.01µM Fe (n=1 for each treatment). 
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 3.4.7b Chlorophyll production 
 For all phytoplankton isolates examined, total chlorophyll-a production was not 
different between iron concentrations (0.01 µM and 11.0 µM) at the high or low pH level 
examined (8.1 and 7.4) (Fig. 3.25). Therefore, when N concentrations are low, 
acidification does not limit chlorophyll-a production, regardless of whether iron is 
limiting or in excess. 
3.4.7c PAM 
 
For all phytoplankton isolates examined, total photochemical (PSΙΙ) efficiency 
was examined using variable over manimal fluorescence (Fv/Fm) and was not drastically 
different between iron concentrations (0.01µM and 11.0 µM) at the high or low pH level 
examined (8.1 and 7.4) (Fig. 3.26). Fv/Fm values were only slightly higher at an iron 
concentration of 11.0 µM, but this increase is not statistically significant. Therefore, when 
N concentrations are low, there are no changes in Fv/Fm of phytoplankton during either 
exponential or staionary growth phases. 
 3.4.7d Oxygen evolution 
 
 Results from the oxygen evolution curves at a lowered N concentration (80 µM N) 
were similar to the results observed at the higher N concentration (880 µM N) in T. 
weissflogii CCMP 1051 (Fig. 3.27). During exponential growth, treatment with 11 µM 
iron at a pH of 8.1 resulted in the highest photosynthetic capacity, but during stationary 
growth, the treatment of 0.01 µM iron at a pH of 7.4 resulted in the highest 
photosynthetic capacity. Results were similar in both cyanobacterium isolates examined: 
Synechococcus sp. CCMP 833 and Synechococcus sp. CCMP 835. (H. akashiwo data 
unavailable.) 
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Figure 3.25 Total chlorophyll-a of Synechococcus sp. CCMP 833, Synechococcus sp. 
CCMP 835 and T. weissflogii CCMP 1051 was not different between the two iron 
concentrations examined (0.01µM or 11.0 µM) and between the two pH treatments (7.4 
or 8.1) during either the exponential growth period, or the stationary growth period (n=1 
for each treatment).  
  
  
	  103	  
 
 
 
 
 
 
 
 
 
 
 
Figure 3.26 PSΙΙ  efficiency of Synechococcus sp. CCMP 833, Synechococcus sp. CCMP 
835 and T. weissflogii CCMP 1051 was not different between the two iron concentrations 
examined (0.01µM or 11.0 µM) and between the two pH treatments (7.4 or 8.1) during 
either the exponential growth period, or the stationary growth period (n=1 for each 
treatment).  
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Figure 3.27 Oxygen evolution curve of T.weissglofii CCMP 1051 grown in ESAW 
medium (80 µM N) at varying iron concentrations (0.01 and 11.0 µM) and levels of 
acidity pH (7.4, 7.8 and 8.1) during: A) exponential growth phase and B) stationary 
growth phase (n=1 for each treatment). 
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3.4.7e Lipid production 
For all phytoplankton isolates examined, neutral lipid production was highest 
during exponential growth phases at a low iron concentraion of 0.01 µM Fe, irrespective 
of the culture pH, but as the cultures began to shift into their stationary growth, neutral 
lipid production began to accumulate in cultures that were grown at a high iron 
concentration of 11.0 µM Fe, irrespective of the culture pH (Fig. 3.28). Therefore, ocean 
acidification does not appear to change or limit neutral lipid production in phytoplankton, 
rather, it is the abundance or limitation of iron within the water column that induces these 
changes in laboratory experiments that use the acid/base acidification methodology. 
3.4.8 Examining density changes in acid/base buffered cell cultures 
Synechococcus sp. CCMP 833 culture was adjusted to a pH of 7.4, 7.8 and 8.1 
with 10% HCl. Fig. 3.29 demonstrated an artifactual change that occurred when cultures 
were titrated with acid, because the culture with no titrated pH adjustment continued to 
grow after 6 days whereas the pH adjusted cultures senesced after 4 days of growth. The 
result exemplified the subliminal changes in phytoplankton ecophysiology that can lead 
to potential bias in some ocean acidification research conclusions. This result led to the 
consensus that a truer methodology to manipulate ocean acidification would be to move 
to a CO2-bubbling system. 
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Figure 3.28 Neutral lipid production (as a % of the CDLC) over time  in Synechococcus 
sp. 833,  Synechococcus sp. 835, T. weissflogii 1051, and H. akashiwo NWFSC 503 over 
a 20 day time period at a low iron concentration of 0.01µM, a high iron concentration of 
11.0µM and a pH of 7.4 and 8.1. Cultures were grown in ESAW medium +f/2 nutrients 
(80 µM N) (n=1 for each treatment). 
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Figure 3.29 Chlorophyll fluorescence was used to quantify cell density changes in 
Synechococcus sp. CCMP 833 grown in ESAW (880 µM N) with no buffer added, and 
illustrated that cell cultures with an HCl acidified pH of 7.4, 7.8 and 8.1 have a shorter 
growth period than cultures that have had no pH manipulation with HCl titration (n=1 for 
each treatment). 
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3.5 Discussion 
 
3.5.1 Acid/base buffering 
 
It is worthwhile to note that while some acidification studies that use the 
acid/base-addition method often do not involve supplementing cultures with a buffering 
agent, organic buffers are commonly used to control pH in many other phytoplankton 
studies, and are necessary to reduce variability in culture conditions during long-term 
experiments (Crawfurd et al. 2011). In this study, the addition of minimal buffer was 
desired to counter photosynthetic carbon uptake-derived pH changes throughout the life 
cycle of each species examined. Although it has been suggested that organic buffers may 
form complexes with metals, reducing availability to phytoplankton, the HEPES buffer 
used resulted in no apparent change in the growth rate or yield of any species (Shi et al, 
2009). HEPES was chosen because it provided no additional nutritional benefit to the 
culture, and is commonly used for cell cultures that live between a biological pH range of 
6-8. These characteristics of HEPES explained its efficiency at maintaining a constant pH 
under given conditions. Other acid/base-methodology studies that do not supplement 
cultures with a buffering agent are limited in that they cannot sufficiently state results 
were due to pH differences. Using the addition of a buffer for acid/base ocean 
acidification experiments is recommended when employing this methodology. With these 
factors in mind, Crawfurd et al. (2011) found that high buffer concentrations had adverse 
effects on the growth rate of a diatom species, where cell densities of buffered cultures 
were found to be less than unbuffered controls. Therefore, buffering effects may be 
species specific and alternative approaches to control culture pH, namely CO2-bubbling, 
are recommended whenever possible. For this reason, CO2-bubbling was explored in 
Chapter 4. 
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3.5.2 Algal growth kinetics and photosynthetic changes to ocean acidification 
Changes in pH affect the availability of nutrients, and this has been proposed to 
alter the rate of growth and photosynthesis in marine phytoplankton (The Royal Society, 
2005). Seasonal changes such as those in temperature and biological productivity 
(namely, variations in photosyntehsis and respiration), contribute to fluctuations in ocean 
pH (Gonzalez-Davila et al. 2003). When examining growth rates under acid/base-addition 
experiments, Berge et al. 2010 noted that a lowered pH neither increased nor decreased 
growth rates of the phytoplankton species examined in their study: diatoms, 
dinoflagellates, cryptophytes and haptophytes. These results agree with the steady growth 
rate results shown herein, where there was no significant difference between growth rates 
at each of the three pH levels used (7.4, 7.8 and 8.1) for any of the phytoplankton species 
examined: Synechococcus sp. CCMP 833, Synechococcus sp. CCMP 835, and T. 
weissflogii CCMP 1051, with the exception of H. akashiwo NWFSC 503 that only 
experienced a decreased growth rate under the combined stresses of low pH and low Fe. 
In the photosynthetic species, Synechococcus sp. and H. akashiwo, the decrease in 
absolute cell density, growth rate and chlorophyll-a did not coincide with a decrease in 
pH, but rather coincided with a decrease in Fe enrichments only when there was a surplus 
of N (880 µM) available to the cells. When N was more limited (80 µM), there was no 
difference in the cell density, growth rates, or amount of chlorophyll-a produced by the 
cells at any of the pH or iron enrichments examined- eluding that future ocean 
acidification will not give Synechococcus sp. or H. akashiwo a competitive advantage in 
the new ocean. This result may suggest that pH levels do not change the ability these 
species to acquire key elements (such as carbon, iron or nitrogen) required for processes 
like growth and photosynthesis in an upwelling area that is routinely subjected with a 
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surplus of nutrients and acidified waters. The result can be explained by observations 
from Lomas et al. (2012) and Fu et al. (2007), who found small and non-significant 
effects of decreased pH (using the acid/base buffering method) on Synechococcus sp. 
growth, density and physiological parameters. 
Photoautotrophs have developed a number of mechanisms to acclimate to 
imbalances between pH, light absorption and carbon assimilation. Such mechanisms 
involve changes to light harvesting complexes, where cells can either decrease the 
concentration of light harvesting pigments, increase the levels of photoprotective 
pigments such as xanthophylls and carotenoids, or increase the shading of photosynthetic 
components by accumulating UV-absorbing pigments (Marshall and Newman 2002; 
Harris et al. 2005; Falkowski and Raven 2007). The effects of high and low Fe 
enrichments on the cell density (or light harvesting pigments) of Synechococcus sp. and 
H. akashiwo were expected. These phytoplankton species adapted to Fe-limiting 
environments by undergoing physiological and chemical changes such as decreasing light 
harvesting pigment levels, in order to decrease Fe requirements (Boyer et al. 1987; Odom 
et al. 1993; Sherman and Sherman, 1983). This described why more pigment was visible 
at higher Fe concentrations, even though cell yield was unchanged. Pigment variation 
among pH levels may also be due to physiological changes to initial pH stress, since 
cultures were not given time to adapt to pH changes prior to experimentation. It is likely 
that lower pH levels could have affected the cell’s ability to obtain nutrients, in particular 
iron, therefore more energy was being diverted from light harvesting pigments to nutrient 
acquisition.  
Additionally, HEPES buffer added to cell cultures of Synechococcus sp. and H. 
akashiwo could have affected their ability to acquire Fe since it has been suggested that 
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organic buffers may form complexes with metals, reducing availability to phytoplankton 
(Shi et al, 2009). This would explain why more pigment was visible when Fe was added 
to cultures in excess. Iron requirements are slightly higher for Synechococcus than pelagic 
marine species due to their natural coastal marine habitats- environments characterized by 
a surplus of nutrients (Brand 1991). The iron-poor conditions (0.01 µM FeCl3 and 0.1 µM 
FeCl3) were not as conducive for Synechococcus sp. or H. akashiwo in achieving the 
same pigment as the Fe-rich conditions (1.0 µM FeCl3 and 11.0 µM FeCl3). When 
comparing these results to a study on Synechococcus sp. using pCO2-bubbling, the result 
showed the opposite trend, where cellular pigment levels, growth rates and photosynthetic 
capacities were higher in acidified treatments (Fu et al. 2007). This difference 
demonstrates the disparity between the two methods of acidification. Still, pH 
measurements are known to be a substantial indicator of change in seawater pCO2 
concentrations resulting from CO2 consumption or gas exchange (Gattuso et al. 2010). 
In many laboratory studies, evidence for the lack of pH effects on photosynthesis 
due to changes in CO2 concentrations has been derived. Many laboratory experiments 
have involved artificially altering the total inorganic carbon concentrations, the pH value, 
or both. As a result, the ratios of CO2 and HCO3– do not mimic the change that would be 
found if atmospheric CO2 increased (Giordano et al. 2005). These experiments, however, 
are generally performed on a short time frame. When exposed to longer periods of 
excessive pH and nutrient stressors, more sufficient physiological pathways of light 
energy dissipation for photosynthesis are utilized, such as: photorespiration (Portis and 
Parry 2007) or use of NAD(P)H produced from the photosynthetic electron transport 
chain (ETC) by the enzyme nitrate reductase (NR) (Lomas and Gilbert 1999). Although 
the use of the reductant NAD(P)H by NR to assimilate nitrate has been proposed, it is 
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reliant on the abundance of nitrogen in the environment and an increased transcription of 
NR genes has currently only been observed in diatoms  (Parker and Armbrust 2005). 
Observations of high NR activity in the HAB species, H. akashiwo warrants further 
investigation. 
To acclimate to a changed pH environment under an iron-poor scenario, light 
energy may be diverted away from chlorophyll fluorescence to a process that would aid in 
acquiring key elements. Badger and Andrews (1982) found that Synechococcus sp. 
diverted more light energy to carbon concentrating mechanisms (CCMs) to acquire 
inorganic carbon when CO2 levels were low, rather than fluorescence. This result explains 
why there was more pigment visible in high pH and iron-rich cultures compared to 
treatments acidified under iron-limited conditions. The result was further explored by 
measuring oxygen evolution when both pH and Fe concentrations were examined in 
combination. While a short term pH response may be demonstrated in this 
cyanobacterium (that is, a depression of CO2 fixation at high pH) it has been suggested 
that Synechococcus sp. can rapidly acclimate and up-regulate photosynthetic capacity 
where pH-dependent responses are no longer evident after only a few days of growth 
(Lomas et al. 2012).  
Other studies have suggested that cyanobacteria are able to change their relative 
affinities for different forms inorganic carbon to undergo photosynthesis depending on 
the external environment (Badger et. al 1981).  Therefore, when the environment was 
iron-limiting, one would expect cells to designate more energy toward acquiring Fe for 
survival and sacrifice the affinity for carbon resulting in lower photosynthesis, 
chlorophyll production and growth rates. However, the results presented here show the 
opposite trend, where photosynthetic capacity was optimal in a combined low pH and Fe 
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environment for both cyanobacteria examined. Cyanobacteria are known to be capable of 
using CCMs to store carbon intracellularly. It is possible that the inorganic carbon stored 
in the cell was either insufficient for optimal photosynthesizing capabilities or the CCM 
was less efficient for inorganic carbon storage at either an ambient pH environment or 
when Fe was present in excess. Unlike Synechococcus sp. and H. akashiwo, the diatom, 
T. weissflogii did not exhibit changes in pigments from pH or Fe alterations, meaning that 
photoprotective pigments would not likely be affected by ocean acidification under a 
mosaic of nutrient conditions. 
A difference in the response of growth rates to CO2 does not necessarily translate 
to similar differences in photosynthetic affinity for CO2 (Raven et al. 1993; Beardall et al. 
1998). When Synechococcus sp. and H. akashiwo were grown in media with high and low 
pH, surprisingly, an increased growth rate and chlorophyll-a production was only 
demonstrated when iron was in excess - which coincided with corresponding changes in 
photosynthetic activity. As growth rates and total chlorophyll-a production remained the 
same at each pH (but decreased with low iron concentrations), the true photosynthetic 
capacities must have increased. In other words, there was a higher photosynthetic 
capacity in cultures that were grown at limiting iron concentrations with a pH of 7.4, a 
finding that was unexpected. Badger and Andrews (1982) stated that in environments 
when CO2 was low (meaning, high pH), more light energy is diverted into the transport of 
inorganic carbon to the cell since an accumulation of HCO3- is dependent on light. This 
being said, lower pH environments would have a negative impact on CCMs for 
Synechococcus sp., as well as resulting in a decrease in light use efficiency. This would 
result in less accumulation of inorganic carbon within the cell for photosynthesis. With a 
lack of a constant addition of carbon dioxide (CO2), Synechococcus sp. could have been 
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limited in the ability to carry out photosynthesis. Since results from the photosynthesis 
experiments presented here were conducted with an acid/base acidification technique, this 
is the probable reason why the results are different from Badger and Andrews (1982), 
who used a CO2-bubbling technique. These results confirm that the outcomes of ocean 
acidification studies are dependent on the method used to generate acidic conditions. 
Since H. akashiwo lacks a CCM, explanations cannot be extended to this species and 
warrants further investigation. 
Keeping in mind that a drop in pH represents an increase in H+ ion concentrations, 
the rise in H+ ions could alter intracellular pH, membrane potential, energy partitioning 
and enzymatic activity (Beardall and Raven 2004, Giordano et al. 2005). Oxygen 
evolution rates were predicted to be higher at high pH levels since pH affects the 
efficiency of CCMs that are most efficient in alkaline environments of 8.2 (Badger 1982). 
In these optimal alkaline environments, HCO3- is the primary source for inorganic carbon 
uptake and intracellular inorganic carbon storage, utilized by cyanobacteria (Badger and 
Andrews 1982). With an acidified ocean comes a decrease in pH which could result in a 
decrease in the amount of inorganic carbon available as HCO3- and, therefore, less 
inorganic carbon for cell uptake and less efficient photosynthesis.  
 Diatoms are important for the productivity of our oceans because they contribute 
roughly 45% of global marine primary production (Mann 1999). For the diatom examined 
in this study, T. weissflogii, there were no difference in growth rates, cell yield, 
photosynthetic efficiency (Fv/Fm), chlorophyll production, or fluorescence at any pH level 
examined regardless of the Fe or N nutrient enrichment. There was only an elevated 
maximal photosynthetic capacity from cell cultures grown in ambient pH (8.1) at a high 
Fe concentration, but no changes were found in photosynthetic efficiencies of any 
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treatments. These findings are supported by a study on T. pseudonana where Crawfurd et 
al. (2011) found that under an elevated pCO2 of 760 µ-atm (equivalent to pH 7.8) 
compared to the ambient pCO2 380 µ-atm (equivalent to pH 8.1), there was no change 
detected in photosynthetic efficiency (Fv/Fm). The similarities between the results from 
the two studies confirm that this diatom species will not likely be at a disadvantage in the 
acidifications conditions predicted for the future ocean. However, the real question lies 
within the species intracellular carbon sequestration pathway. In the future ocean, is T. 
weissflogii able to accumulate sufficient lipids that would benefit the marine food web, 
compared to Synechococcus sp. and H. akashiwo?  
 3.5.3 Lipid production response to ocean acidification 
 
Our present understanding of ocean acidification impacts for food web 
interactions are limited. Indirect effects of ocean acidification on higher marine organisms 
can be expected for consumers by changing the intracellular nutritional quality of their 
prey, being phytoplankton. Although increasing atmospheric CO2 can stimulate carbon 
fixation by photosynthetic algae, it is the nutrient content relative to the carbon content 
that determines the quality of food available for trophic transfer since essential fatty acids 
(EFA), such as DHA and EPA, cannot be produced by heterotrophic organisms and must 
be obtained through diet (Urabe et al. 2003; Engel et al. 2008; Bellerby et al. 2008). DHA 
and EPA production were not found to be the prevalent fatty acids produced by 
phytoplankton under elevated CO2 (low pH). Rather, it was neutral (or saturated lipids) 
that accumulate under an acidic ocean regime predicted for the future ocean. However, it 
will be necessary to complete a fatty acid profile of cultures grown under different 
conditions of acidity, iron and N to confirm this observation. 
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A study by Rossoll et al. (2012) found that there was a significant decline in total 
EFAs under elevated CO2 (low pH) in the diatom T. pseudonana compared to present-day 
ambient pH. Additionally, the study found a decrease in copepod growth and egg 
production, from 34 to 5 eggs per female per day under elevated CO2 (low pH). Since 
copepods play a critical role in the diets of fish, changes in growth and egg production 
has serious ramifications for the productivity of marine fisheries. Results can be extended 
here, where T. weissflogii – that exhibited no changes in growth rates under low pH – 
showed a decline in lipid production under low pH (7.4). These results were compounded 
by low Fe enrichments. A plausible explanation can be attributed to the notion that high 
environmental pCO2 (low pH) decreases the internal cell pH, therefore the increased 
amount of fatty acids could be a mechanism to control the internal cellular pH (Mayor et 
al. 2007; Rossoll et al. 2012). This mechanism, however, is poorly understood. Results 
presented here suggest that when N became depleted, an increase in intracellular lipids 
resulted. It would be interesting to assess if excess nitrogen can mitigate the negative 
effects of lipid accumulation in phytoplankton. This idea can be a starting point for future 
investigations. Overall, this experiment showed that lipid production was only elevated 
for the diatom T. weissflogii. Synechococcus sp. and H. akashiwo did not demonstrate a 
drastic increase in lipid production under any pH condition, meaning that T. weissflogii 
may play an important role in marine food web dynamics under increased CO2 
conditions, whereas Synechococcus sp. and H. akashiwo may represent poorer food 
choices in the future ocean. 
Most of the experiments conducted on marine phytoplankton have been short term 
and have not provided sufficient time for any genetic modifications that might allow them 
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to adapt to the changing ocean conditions. Further long-term experiments are required to 
determine if the organisms will evolve to take advantage of the increased CO2. 
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CHAPTER 4 
4. The combined effects of pH and pCO2 on the growth and 
photosynthetic capacity of Heterosigma akashiwo  
 
4.1  Introduction 
Harmful algal blooms (HABs) have become an international concern over the past 
few decades, as the number of HAB events with resulting ecologic and economic 
consequences has increased in frequency (Anderson 1989). In particular, Heterosigma 
akashiwo blooms have been a concern because of their ability to kill fish, thus, negatively 
impacting our lucrative fisheries. The mechanism causing these blooms, however, is still 
unknown. It has been suggested that a lack of a carbon concentrating mechanism (CCM) 
in H. akashiwo might result in an increase in HAB events with the predicted rise in 
temperature and CO2 expected in the future from anticipated global warming and ocean 
acidification (Nimer et al. 1997; IPCC 2007). 
The oceans have been the primary sink for anthropogenic CO2, and as more CO2 
dissolves in the seawater, increasing the DIC pool, the primary form of DIC is expected 
to shift equilibrium from HCO3- and CO32- to CO2 and HCO3- while CO32- will decrease to 
coincide with the drop in pH (Zeebe and Wolf-Gladrow 2001). While this change has 
been shown to be detrimental for marine calcifying organisms, it is generally thought that 
phototrophsphototrophic phytoplankton will not be limited by carbon because of the 
larger DIC pool available in seawater. Despite this expected outcome, growth and 
photosynthesis have been shown to be sensitive to CO2 enrichment in diatoms, 
chlorophytes, cyanobacteria, and raphidophytes (Riebesell et al. 1993; Gordillo et al. 
2003; Fu et al. 2007; Fu et al. 2008). This has been attributed to the low affinity of the 
primary carboxylating enzyme RuBisCo for CO2. For example, Rost et al. (2003) found 
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that certain species of bloom forming algae are close to carbon saturation under present-
day CO2 levels because of their efficient CCMs. For species such as H. akashiwo that lack 
a highly effective CCM, increasing DIC might allow for increases in growth and 
photosynthesis, which would reduce the competitive advantage of phytoplankton that use 
CCMs, therefore possibly changing the phytoplankton community (Raven 1991). 
However, the underlying processes of ocean acidification might be strongly influenced by 
nutrients, temperature, light and salinity, as demonstrated in Chapters 2 and 3. 
Within the scientific community, there is currently no consensus on the optimal 
method for manipulating ocean acidification events within a laboratory setting.  There is 
considerable debate regarding the various methods of pH adjustment: acid/base buffering 
or bubbling CO2 gas, and which method is best to apply. Notably, methods would differ 
depending on the objective of the study and the organism in question. With the two most 
commonly used methods, there is considerable evidence supporting that a pCO2 type of 
system as most representative of a natural environmental acidification scenario, while 
other studies report that an acid/base manipulation type of system is sufficient for most 
purposes (Gattuso and Lavigne 2009; Shi et al. 2009). Both methods were examined and 
can have different effects on the carbonate system of seawater, which was anticipated to 
result in contradictory results. For instance, adding a biologically benign buffer to an acid 
(or base)-adjusted culture would control pH, and is advantageous as it would leave the 
amount of DIC constant when it becomes depleted during culture growth, but lower total 
alkalinity and pH. However, bubbling pCO2 gas would change the DIC, but has the 
advantage of maintaining constant culture total alkalinity, yet increases total CO2 and 
lowers pH (Hurd et al. 2009; Schulz et al. 2009; Shi et al. 2009). Therefore, acid/base 
methodology experiments are suggested to be advantageous to use when examining non-
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calcifying organisms where saturation states are no concern, however, cell growth using 
this method is limited by a designated CO2 concentration and may be problematic, as this 
change is not expected under a true ocean acidification scenario. CO2-bubbling 
experiments are optimal to employ when examining calcifying organisms that rely on 
calcite and aragonite saturation states, which are dependent on stable alkalinity and steady 
carbonate concentrations and is more representative of the predicted future climatic 
change event (Berge et al. 2010). It is accepted that phytoplankton use HCO3- as their 
main source of carbon, therefore, the difference in total CO2 between the two methods 
employed is suggested to represent only a small difference in HCO3- concentrations, 
which is suggested to not affect growth or photosynthesis (Brewer 1997; Hurd et al. 
2009).  
Fluctuations in ocean carbon chemistry with the resulting changes in HABs can 
influence the health and vigor of our marine ecosystem. With increases in HAB events 
over the past millennium, there is absolute need to assess the cause and dynamics of 
bloom formation. This Chapter outlines growth and photosynthetic capacity changes of 
one H. akashiwo isolate under the combined effects of low pH and high CO2 expected 
under our global climate change scenario, using a CO2 bubbling approach to creating an 
acidic environment. 
4.2.  Materials and methods 
4.2.1 Phytoplankton species selection 
The flagellated algal raphidophyte species used in this experiment, Heterosigma 
akashiwo NWFSC 513, was isolated from the waters of Clam Bay, Washington (June 16, 
2010). Individual cells were physically isolated from the natural community by Brian Bill 
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(National Marine Fisheries Service, NOAA). This strain was maintained as uni-algal, 
non-axenic cultures throughout all experimentation. 
4.2.2 Heterosigma akashiwo culturing conditions 
Cultures of H. akashiwo NWFSC 513 were maintained in batch cultures of 
Enriched Seawater Natural Water (ESNW) medium (Guillard 1975, Appendix I), 
prepared with 0.2 µm Whatman polyethersulfone sterile-filtered seawater collected from 
Half-Moon Bay, California, USA (2010). Seawater salinity was measured with a YSI 
Incorporated 85D Meter, and found to be at 33.6 Practical Salinity Units (PSU). 
ESNW seawater enrichment was amended with 200 µM of nitrate (NaNO3) and 
12.12 µM of phosphate (K2HPO4), to provide the optimal nitrogen to phosphate 
drawdown ratio of 16.5:1 at 20°C for the maximal growth of this algal species (Ikeda, 
unpublished results). Additional nutrient additions were provided (Appendix I), with the 
notable exception of iron, which was not added pre-experimentation. 
Cultures were grown and maintained in a SANYO Versatile Environmental Test 
Chamber on a 12:12 h, light:dark cycle, with cool white lights at an intensity of 265 µmol 
photons m-2 s-1 (as measured with a QSL 101 light meter made by  Biospherical 
instruments). Temperature was maintained at 20 ± 0.05 °C. Cells were acclimated for 14 
days in medium adjusted to either an ambient seawater pH of 8.1 (representing the 
average current ocean pH) or an acidified seawater medium at a pH of 7.4 (representing 
predicted future oceanic pH for the year 2100), prior to all experimentation (Feely et al. 
2008).  
4.2.3 Seawater acidification and carbonate chemistry measurements 
4.2.3a Monitoring pH and acidification using pCO2 bubbling 
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The pH of the medium in the experimental cultures was monitored and recorded 
every 2 seconds, and regulated using the Queen’s University Biological Instrumentation 
and Technology (QUBIT) D207 pH and pCO2 Regulation System, by Loligo Systems 
(QUBIT Systems, Ontario, Canada). Each culture was individually controlled with a pH 
3310 instrument meter and a WTW SenTix pH probe that was directly submerged in 
experimental cultures to continually monitor and record culture pH conditions throughout 
the duration of all experimentations. This automated feedback system determined pCO2 
indirectly as a function of culture pH, and regulated the release of 15% CO2 gas that was 
routed through a series of computer-controlled solenoid valves. Bubbling cultures with 
pCO2 gas changed the dissolved inorganic carbon (DIC) concentration, but maintained 
alkalinity- a change concomitant to our present-day climatic change conditions. The flow 
rate of CO2 gas was held constant with Cole Palmer flow meters at 3.0 ± 0.05 mL min -1, 
where the CO2 gas was then diffused through a glass sparger submerged directly into the 
experimental culture, keeping the culture at the desired pH levels of 7.4±0.1 and 8.1±0.1 
to ensure pH shifts were no larger than those expected in situ. The windows CapCTRL 
software (Loligo Systems) monitored the calibrated values for pH in a real-time plot (pH 
vs. time) and controlled pH set-point levels automatically. With this setup (see diagram 
Appendix II), the two desired levels of pH remained stable during all experimentation at 
the precision level needed for the study. The pH of cultures were monitored daily using 
freshwater probes, and the colorimetric spectrophotometric method for correcting to 
representative seawater pH values using temperature, salinity and the Seacarb R-script 
code created by the Dickson laboratory (Scripps Institution of Oceanography, San Diego, 
CA) was used to determine true seawater pH values for three given time points during all 
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experimentation: the initial experiment commencement, exponential growth, and the third 
day of stationary growth.  
4.2.3b Colorimetric pH measurements 
Acidification followed recommended procedures from Dickson et al. (2007). 
Samples (30 mL) were collected and filtered through a 0.45 µm Millipore syringe driven 
filter unit fixed with an 8 cm silicon tube. The silicon tube was placed at the bottom of an 
acid-washed 20 mL glass scintillation vial and filtered through the silicon tube where 
excess sample was allowed to overflow from the vial to eliminate any potential bubbling 
or interaction with ambient air that could influence the carbonate chemistry of the sample. 
Samples were then sealed with an inverted poly-cone cap to ensure no headspace in the 
sample vial and stored in a water bath at a fixed temperature of 25°C and analyzed 
spectrophotometrically within a few hours following the procedure outlined in the 
Standard Operating Procedure (SOP) 6b Version 3.01 (Dickson et al. 2007) to alleviate 
any artifactual changes that might occur over time to obtain the pH of the seawater 
samples colorimetrically. Accuracy of the pH measurements was determined with a Tris 
buffer Certified Reference Material (CRM) from Dr. Andrew Dickson of Scripps 
Institution of Oceanography (Appendix III). The accuracy of the direct colorimetric pH 
measurement was a function of the chemical properties of the m-cresol purple indicator 
dye, not on the calibration of standards. For this reason, colorimetric measurements of pH 
were used alongside measurements of DIC to monitor the progress of ocean acidification 
(Appendix IV).  
4.2.3c Dissolved Inorganic Carbon (DIC) determination 
Samples (30 mL) for DIC determination were filtered through a 0.45 µm Millipore 
syringe driven filter unit fixed with an 8 cm silicon tube. The silicon tube was placed at 
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the bottom of an acid-washed 20 mL combusted (450°C for 6 hours) glass scintillation 
vial and filtered through the silicon tube where excess sample was allowed to overflow 
from the vial to eliminate any potential bubbling or interaction with ambient air that could 
influence the DIC of the sample. The samples were then immediately preserved with 300 
µL of 5% w/v mercuric chloride (HgCl2) and sealed with an inverted poly-cone cap to 
ensure no headspace in the sample vial (Parker et al. 2006). Sample vials were stored in 
the dark at room temperature 
DIC was measured in the Dugdale-Wilkerson laboratory at the Romberg Tiburon 
Center for Environmental Studies (SFSU) with an acid-sparging non-dispersive infrared 
(NDIR) gas analyzer developed at the Monterey Bay Aquarium Research Institute, 
MBARI (Friederich et al. 2002). Each scintillation vial provided treatments that were 
averaged to determine the measured DIC. Precision of the measurements was determined 
by comparing values with standard analytical material (CRM from Dr. Andrew Dickson 
of Scripps Institution of Oceanography). 
4.2.4 Experimental design: Iron replete and deplete experiment 
The culture medium with amendments was designed to allow cell growth until 
nitrogen was consumed and growth rates were reduced to 0-division cultures 
(representing nitrogen limited cultures). For this experiment, treatment cultures were 
conducted in duplicates (to obtain a sample size of n=2) and were inoculated at a modest 
cell density (200 µM particulate nitrogen starting concentration) to ensure they were 
nitrogen limited, as expected in situ. The iron content of the medium was modified to 
provide both an iron (Fe) –replete and Fe-deplete medium, to represent an upwelling 
regime that is nutrient rich and nutrient poor. The Fe-replete cultures contained an 
optimal Fe final concentration of 6.6 µM, whereas the Fe-deplete cultures contained no 
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added Fe stock solutions, yet a 100 nM final desferrioxamine-B (DFB) concentration was 
added to chelate and remove any Fe that might be found in the filtered natural seawater 
used to prepare the medium (the DFB concentration used was chosen based on the results 
from a preliminary experiment; Appendix V). The chelated-iron does not remove iron 
from the seawater but the complex is energetically less available to the growth needs of 
the cells, resulting in iron-limited cellular growth. The Fe-replete medium and Fe-deplete 
medium were both split in half to be inoculated with pre-acclimated H. akashiwo NWFSC 
513 cultures to a pH condition of 7.4 and a pH condition of 8.1. Each experimental 
culture was then mixed gently, ensuring minimal cellular lysis, and inoculated to 5L 
volumes in autoclaved 6L round, flat-bottom Pyrex boiler flasks. All labware used for 
experimentation was cleaned according to Appendix VI to deduce the risk of iron and 
nitrogen contamination. Flasks were placed on a stir plate (Corning Stirrer, Scholar 171) 
and stirred constantly at 60 RPM in the SANYO Versatile Environmental Test Chambers 
on a 12h:12h, light: dark cycle with cool white lights at an intensity of 265 µmol photons 
m-2s-1, and at a constant temperature of 20±0.05°C. 
Bubbling cultures with CO2 (gas) changed dissolved inorganic carbon (DIC) but 
maintained alkalinity, consistent with natural climate change effects. Each flask contained 
a SenTix pH probe (calibrated and cleaned both before and during the experiment, 
according to Appendix VII) and through direct 15% pCO2 (gas) bubbling, QUBIT 
Systems maintained the pH of treatment cultures at 7.4±0.1 and 8.1±0.1, in replicates for 
both the Fe-replete and Fe-deplete conditions (replicates meaning, duplicates of each of 
the following treatments: pH 7.4+Fe, pH 8.1+Fe, pH 7.4+DFB and pH 8.1+DFB). To 
verify the parameters of the carbonate system for each experimental flask, colorimetric 
pH measurements, salinity and DIC measurements were taken at 3 time points: 24 hours 
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after experimental inoculation (lag phase), exponential (nutrient replete phase), and 
stationary (nutrient deplete phase).  
4.2.5 Methods of analyses: growth measurements 
Cell biomass for all experiments was measured by direct cell counts via 
microscopy, flow cytometry cell counts and cell chlorophyll fluorescence. 
4.2.5a Cell counts 
Prior to performing cell counts, a 0.5 mL subsample of each experimental culture 
was pipetted into 8 mL FloTubes™ in a sterile laminar flow hood. Direct cell counts were 
performed using a Sedgewick-Rafter to calculate cell density (cells mL
-1
) using an 
Olympus IX83 Microscope during the exponential and stationary growth phases. Cells 
were counted by fixing a 1 mL sample of the experimental culture to the Sedgewick-
Rafter using a prepared Lugol’s solution, to obtain a final Lugol’s solution concentration 
of 0.5%. The sample was enumerated on a Sedgewick-Rafter counting slide such that the 
number of columns counted was a function of counting a minimum number of 100 cells 
(adapted from IOC, 2010). The cell density (cells mL
-1
) was then determined according to 
the following equation: 
Cell Density= (cell count X 1000) / (number of columns counted	 × 20 nm) 
Direct cell counts were performed in order to normalize nutrient, trace metal and 
lipid analyses to an exact cell number. 
4.2.5b Flow Cytometry 
Prior to Flow Cytometer counts, a 0.5 mL subsample of each experimental culture 
was pipetted into 2 mL Eppendorf® Safe-Lock microcentrifuge tubes in a sterile Laminar 
Flow Hood. Throughout experimentation, daily cell counts were performed beginning 
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with the day of inoculation throughout stationary growth phases using the PhytoCyt™ 
Flow Cytometer (Turner Designs, Inc.). Detection endogenous fluorophores common to 
H. akashiwo NWFSC 513 were detected by running 50 µL of the samples through the 
flow cytometer to obtain a proxy number for cell counts. Maximal yield (yieldmax in units 
of cells mL
-1
) was averaged from analytical triplicates of all experimental treatments. 
Maximal growth rate (µmax in units day
-1
) was determined from the slope of a linear 
regression (the coefficient of correlation [R
2
] ≥ 0.95) of the natural logarithm of cell 
density versus time during exponential growth (Guillard, 1973). For selected experiments, 
the length of the lag phase was determined based on the number of days preceding 
exponential growth. 
4.2.5c Chlorophyll Fluorescence- Raw Fluorescence Units (RFU) 
Chlorophyll-based biomass estimations were generated in vitro and obtained daily 
by pipetting 6 mL of each experimental culture into 8 mL FloTubes™ in a sterile Laminar 
Flow Hood.  Chlorophyll was measured on a Turner Designs10-AU Fluorometer 
according to the protocol outlined in Appendix VIII. Raw fluorescence output was given 
in raw fluorescence standard units (RFU) and a growth curve was generated alongside the 
obtained cell counts. 
4.2.6 Photosynthetic performance 
Cellular fluorescence capacity using variable fluorescence (Fv/Fm) to measure 
photosystem II (PS II) efficiency was assessed in vivo during exponential and stationary 
growth phases according to the 3-(3,4-dichlorophenyl)-1,1-dimethylurea (DCMU) 
protocol outlined in Appendix VIII. DCMU is a specific inhibitor of photosynthesis and 
acts by blocking the plastoquinone-binding site of PS II, preventing electron flow from 
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the generation site in photosystem II, to the plastoquinone. This process interrupts the 
photosynthetic electron transport chain in photosynthesis and blocks the ability of the 
cells to turn light energy into chemical energy. DCMU only blocks electron flow from PS 
II and has no effect on photosystem I or other reactions in photosynthesis making the 
method an effective metric for determining PS II efficiency. The DCMU method 
effectively measures the quantum efficiency of PS II, which is an indicator of nutrient 
stress (Samuelsson and Öquist, 1997). 
4.2.7 Nutrient analyses 
4.2.7a Particulate Nitrogen (PN) and Phosphate 
In a sterile laminar flow hood, 12 mL samples were collected daily in 15 mL 
polypropylene BD Falcon Conical Centrifuge Tubes (previously rinsed three times with 
D.I. (18.2 MΩ·cm)), and stored in the freezer at -20 °C for future nutrient analyses. 
Nutrient analyses were performed using a flow injection auto analyzer (Lachat 
Instruments QuickChem 8000 Series), for nitrate, nitrite and ortho-phosphate using 
standard colorimetric techniques (Smith and Bogren 2001; Knepel and Borgen 2002). 
4.2.7b Particulate Carbon (PC) 
Particulate Carbon (PC) samples were collected in 20 mL volumes on combusted 
(450 °C for 6 hours) Whatman glass fiber filters (GF/F) at 3 time points: 24 hours after 
experimental inoculation (lag phase), exponential (nutrient replete phase), and stationary 
(nutrient deplete phase). Samples were stored in acid-cleaned 47-mm petri dishes prior to 
analysis.  
4.2.8 Trace metal analyses 
A sample volume (100 mL) for each treatment was collected for Fe and Copper 
analyses at 3 time points: time zero (before the addition of cell culture to the medium), 
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exponential (nutrient replete phase), and stationary (nutrient deplete phase). Filtrate of the 
treatment samples were collected in 50 mL Teflon-lined GoFlo sample bottles by 
filtration through 1.0 μM polycarbonate filters using a Nalgene polysulfone filtering 
apparatus. All bottles and filters were acid-cleaned and packaged in a trace-metal clean 
laboratory by The University of Maine using established protocols.  
Samples were stored at 15°C prior to being returned to The University of Maine 
for analysis by Inductively Coupled Plasma Mass Spectrometry (Lohan et al., 2005) 
4.3 Results and discussion 
Employing CO2-bubbling to acidify laboratory cultures was examined as a more 
representative technique to mimic the ocean acidification changes that are occurring in a 
natural environmental system. Results from this methodology were used to compare 
differences in algal growth and photosystem efficiencies with the acid/base acidification 
methodology (Chapter 3) to explore any physiological differences among the two most 
common techniques used for ocean acidification studies.   
To determine true seawater pH values for three given time points during all 
experimentation: the initial experiment commencement, exponential growth, and the third 
day of stationary growth, pH values were measured using freshwater probes and was 
corrected to representative seawater pH using the colorimetric method for determining 
seawater pH (Table 4.1). 
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Time pH 7.4  (+Fe) pH 8.1 (+Fe) pH 7.4 (-Fe) pH 8.1 (-Fe) 
Initial 7.55 8.25 7.45 7.98 
Exponential 7.35 7.97 7.40 7.97 
Stationary 7.35 7.84 7.41 8.00 
Table 4.1 True Salinity and temperature corrected pH values within the four experimental 
treatments during three algal growth stages. 
 
 
 
4.3.1 Algal growth 
All CO2-bubbling experimentation was conducted at an initial particulate nitrogen 
concentration of 200 µM to ensure growth would not be N-limited, yet still able to induce 
an appropriate time to reach stationary growth (Fig. 4.1).  
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Figure 4.1 Nitrate and phosphate drawdown concentrations (µM), with corresponding 
cell density increases (cells mL-1) in H. akashiwo NWFSC 503 at pH 7.4 and 8.1 grown 
in filtered seawater at a nitrate concentration of 220 µM N. The iron treatment was at a 
concentration of 6.6µM Fe and the treatment with DFB had no iron, but rather an 
enrichment of 125 nM DFB (n=2).  
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In Chapter 3, H. akashiwo cultures were acidified using acid/base methodologies 
with an N-addition of 80 µM N, where there was no resulting growth curve differences 
between any of the Fe or pH treatments. These results mimicked the CO2-bubbling 
system with an initial N-addition of 220µM, where no growth differences were observed 
among treatments (Fig. 4.2).  
Exponential growth rates are one important factor to consider when assessing for 
phytoplankton fitness. There was a considerable increase in exponential growth rates for 
H. akashiwo cultures reared under the CO2-bubbling experiments compared to the 
acid/base buffering experiments, suggesting that a surplus of carbon enabled the cells to 
increase their maximal growth rates. Comparing exponential growth rates in the CO2-
bubbling methodology to the acid/base buffering methodology, there was an overall faster 
growth rate in cells grown using CO2-bubbling (high pCO2) than acid/base buffering, but 
no differences among growth rates between any of the Fe or pH treatments within each 
experiment. Even with the addition of carbon in the low pH (high pCO2) treatments, the 
CO2-bubbling experiment resulted in no growth rate differences between any of the Fe or 
pH treatments (Fig. 4.3). In other studies, CO2-limitation was not found to be the main 
factor associated with differences between growth and photosynthesis from these two 
acidification methods examined (Riebesell et al. 1993; Chen and Durbin 1994).  
Heterosigm akashiwo growth rates under low and ambient pH treatments using 
the CO2-bubbling methodology were not statistically different. These results contradict 
other studies that used similar methodologies. For example, Lohbeck et al. (2012) 
assessed growth rate effects on phytoplankton using a CO2-bubbling technique and noted 
that populations had adapted to a low pH environment by increasing their exponential 
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growth rates when CO2 levels were higher than control populations reared at ambient pH 
for the same duration of time. The differences between the two results can be partially 
explained by the different phytoplankton species examined in each study, concluding that 
ocean acidification effects on growth rates will vary among algal species as well as 
isolates- owing to the notion that ocean acidification effects on phytoplankton are not 
unified. 
These results indicate that a surplus of nutrients (carbon, nitrogen or iron), does 
not change growth rates of H. akashiwo, indicating that these cells cannot acclimate to 
acquiring a surplus of nutrients under a short-term, stress-induced, environmental change 
scenario. This study suggests that ocean acidification (that is, an excess of bioavailable 
carbon), will not likely change growth rates of the harmful algal bloom, H. akashiwo, and 
is not an immediate threat to the productivity of this alga. 
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Figure 4.2 LN growth curve of H. akashiwo NWFSCS 503 grown in ESNW medium 
with 220 µM N, at a pH of 7.4 (± 0.5) and 8.1 (± 0.5), with the addition of 6.6 µM Fe 
(+Fe) and without the addition of any Fe (-Fe). The –Fe treatments contained a DFB 
concentration of 125 nM to chelate any Fe found in the natural seawater medium used for 
experimentation (n = 2). 
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Figure 4.3 Comparison of growth rates (divisions day-1) of H. akashiwo NWFSC 503 
grown in ESAW with 80 µM N using an acid/base titrated system (n = 3), grown in 
ESNW with 220 µM N using a CO2(g) bubbling system (n = 2) and grown in ESAW with 
880 µM N using an acid/base titrated system (n = 3). Please note the data from treatments 
with 80 and 880 µM N was taken from Chapter 3 where experiements were conducted 
using the acid/base acidification method. All treatments were included here to compare 
growth rate results with the CO2(g) bubbling system. Bars are representative of standard 
error.	  
 
 
 4.3.2 Cell yield 
 For the CO2(g)-bubbling system,  maximal cell yield was calculated among all 
treatments and compared to the yield of treatments from the acid/base acidification 
methodology outlined in Chapter 3. In the CO2(g)-bubbling system where initial 
particulate N was 220 µM, highest cell yield occurred in the following order:  pH 7.4 (-
Fe), pH 8.1 (-Fe), pH 7.4 (+Fe) and pH 8.1 (+Fe). This trend was different compared to 
all acid/base acidified treatments (Chapter 3) where experiments with an N-addition of 80 
µM resulted in no difference in maximum cell yield among any treatments, and 
experiments with the N-addition of 880 µM resulted in a lower cell yield in only the 
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combined low pH and Fe treatment- the same trend that was noted with growth rates (Fig. 
4.4).  
Cell yield for all species remained constant at each pH in acid/base experiments, 
but was lower in Fe limited treatments- indicating that growth may have been limited by 
carbon or potentially another nutrient, namely, N or Fe. Since C was not limited in the 
CO2-bubbling experiments, this accounted for cell yield being highest at low pH and 
lowest when pH increased for H. akashiwo. It is important to take note that despite the 
increased growth rates in the CO2-bubbling experiments over the acid/base experiments, 
stationary phase was still induced implying that maximum cell density was not limited by 
carbon, but rather another underlying factor. The addition of DIC from CO2-bubbling 
resulted in an additional carbon nutrient source for the culture, where stationary growth 
was thereby likely induced once the N-source was depleted. The lack of variability in 
growth rates between pH levels in the acid/base experiment (Chapter 3) may suggest that 
pH (that is, high pCO2) alone will not have an effect on H. akashiwo growth yield. It is 
well known that the marine environment is complex and a shift in pH is only one 
consequence of acidifying waters. What this does not explain, however, is why there was 
an overall higher yield in the DFB (-Fe) treatments over the +Fe treatments?  
As one might expect, using DFB (an Fe-binding chelator), would render any 
dissolved Fe unavailable for cellular acquisition and utilization. With Fe being 
unavailable, it is reasonable to assume that this missing key element would result in 
overall decreased cell yield. As shown in Fig. 4.4 however, cell yield was highest in all 
DFB treatments. In most laboratory studies, EDTA (a common metal chelator) is added to 
media in a 1:1 ratio with metals, enabling the metals to be bound and suspended in 
solution. Typically, most EDTA is bound up to calcium and magnesium when added to 
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seawater and as metals are drawn-down, this EDTA to metal ratio is changed. DFB, an Fe 
specific metal chelator, keeps Fe soluble in solution. With most phytoplankton, this 
would hinder their ability for Fe-uptake. This study, however, proposes that H. akashiwo 
cells behave differently than other phytoplankton species, in that they might have a 
common binding site and affinity for DFB. Adding a surplus of DFB in H. akashiwo 
medium would then aid in Fe acquisition by increasing the bioavailability of Fe to cells, 
essentially providing them Fe on a “silver platter”. 
Although growth rates were not different between pH and Fe treatments, maximal 
cell yield was highest at low pH and decreased with increasing pH in the CO2-bubbling 
experiments. The increase in cell yield at low pH (or high CO2) is a result of the 
additional carbon source supplemented to the cultures. Unlike most phytoplankton 
species, H. akashiwo isolates lack a known carbon concentrating mechanism (CCM), 
which explains the potential for population increases (or bloom formation) with a 
predicted rise in CO2 under a global change scenario (Nimer et al. 2007). For this reason, 
the CO2 –bubbling methodology is more representative of a true environmental ocean 
acidification event. A major setback of employing the CO2-bubbling method for 
flagellates in particular is the stress induced by the bubbles, which negatively affects 
growth (Chen et al. 1994).  
Results shown in H. akashiwo may not be typical for other phytoplankton isolates, 
as most species possess a CCM and are only limited by total carbon at very low CO2 
concentrations (Hurd et al. 2009). Since oceans are presently at limiting levels for the 
enzyme RuBisCo- essential in the first step of photosynthesis, most phytoplankton 
species can increase their CO2-uptake to saturate photosynthesis using their CCM, unlike 
H. akashiwo, (Beardall and Raven 2004; Giordano et al. 2005). Raven (1991) suggested 
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that increased dissolved CO2-availability might benefit phytoplankton species that rely on 
diffusive CO2 entry (rather than CCM) or those that have the capability to suppress their 
CCM. Species that depend on diffusive entry of CO2 might develop higher intracellular 
CO2 concentration that may match the concentrations required to saturate RuBisCo. This 
can help explain why cell yield was drastically higher in cultures reared at a low pH 
(higher CO2 concentration) than ambient pH. 
Since phytoplankton commonly use CCMs and actively take up both CO2 and 
HCO3, most species may benefit from reduced CCM activity- meaning a reduction in 
CCM mechanisms- resulting in fewer CCM proteins. (Giordano et al. 2005; Reinfelder 
2011). A reduction in CCM proteins could reduce the nitrogen requirement for CCM 
protein synthesis and could result in a concomitant reduction in the energy requirements 
for protein synthesis (Raven, 1991, Crawfurd et al. 2011). With these potential benefits in 
terms of energetic costs to the cell, one would assume that the savings could be sufficient 
to influence processes such as growth rate; however, this was not the case as growth rate 
remained unchanged in all treatments.  
Although higher CO2 did not act as a fertilizer to increase growth rates, we should 
not assume that there would be a uniform response in all species. In comparison, a 
Thalassiosira sp. community in the Californian upwelling region did not have an altered 
growth rate response when CO2 concentrations were elevated (Tortell et al. 1997). 
Several studies have demonstrated that in diatoms there is no variation in the expression 
of the rubisco transcription gene when cultures were grown in high and low CO2 
treatments (Granum et al. 2009; Crawfurd et al. 2011). Growth of over 100 generations of 
diatoms did not provide any evidence for significant adaptation to high CO2. Similarly, 
the diatoms demonstrated success in acclimating growth rates to a wide range of pH 
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conditions. If all species responded in a similar fashion, acidification may have little 
effect on phytoplankton productivity (Crawfurd et al. 2011). 
Elevated pCO2 has been predicted to be beneficial to diatoms due to reduced cost 
of CCMs by modulating CO2 supply to RuBisCo, rather than forcing cells to regulate 
their expression of this enzyme. However, a recent study on the efficiency of CCM in 
marine diatoms suggested that active transport of bicarbonate into the chloroplast is what 
constituted the major energetic cost of the CCM, not the uptake of CO2, leading one to the 
conclusion that ocean acidification and CO2 would have little or have no effect on the 
growth and physiology of diatoms. Other studies have predicted that doubling 
atmospheric CO2 could reduce energetic costs of carbon fixation for the CCM, yielding an 
energetic benefit to diatoms. However, such benefits were found to be marginal and not 
detectable as a change in growth rate, supporting the findings presented in this study 
(Hopkinson et al. 2011). From the results presented here, ocean acidification is therefore 
expected to impose no growth or physiological changes in marine diatom species as they 
have been shown to be unaffected by environmental acidification from both laboratory 
acid/base and CO2–bubbling methodologies. 
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Figure 4.4 Comparison of maximum cell yeild of H. akashiwo NWFSC 503 grown in: 
ESAW with 80 µM N using an acid/base titrated system (n=3), grown in ESNW with 220 
µM N using a CO2(g) bubbling system (n=2) and ESAW with 880 µM N using an 
acid/base titrated system (n = 3). Please note the data from treatments with 80 and 880 
µM N was taken from Chapter 3 where experiements were conducted using the acid/base 
acidification method. All treatments were included here to compare growth rate results 
with the CO2(g) bubbling system. Bars are representative of standard error. 
 
 Discrepancies resulted from obtaining daily cell counts using either the PhytoCyt 
flow cytometer, or taking true cell counts under the microscope. These cell count 
differences are noted in Fig. 4.5 where total cell densites between the two counting 
methods are compared. 
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Figure 4.5 Total cell density differences in H. akashiwo NWFSC 503 as a result of cell 
counting using the flow cytometer and direct microscope counts. Bars are representative 
of standard error (n=2) 
 
4.3.3 PSΙΙ  efficiency 
 
For all phytoplankton isolates examined, total photochemical (PSΙΙ) efficiency 
examined using variable over manimal fluorescence (Fv/Fm) was not drastically different 
between the +Fe and –Fe treatments, however, there were differences between the pH 
levels examined (8.1 and 7.4) (Fig. 4.6). To measure Fv/Fm, the DCMU protocol was used 
to block the transfer of electrons from QA to QB, thereby closing all PSΙΙ reaction 
centres, (thereby blocking linear electron transport), providing a measure of Fm. This 
value alongside an untreated raw fluorescence value (Fv) gave the Fv/Fm ratio, a measure 
of the light-harvesting ability of PSΙΙ. When pH was low, dark-acclimated H. akashiwo 
cultures were less effective at harvesting photons from a saturating pulse of actinic light 
to generate electron flow. The result suggests that when stationary phase is induced, as 
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one would expect in a bloom event, ambient pH (low CO2) encourages H. akashiwo to 
acquire light energy for photosynthesis more effectively. These results indicate that 
electron transport proteins either function optimally at ambient pH, or are damaged at low 
pH. 
Figure 4.6 PSΙΙ  efficiency was examined using a DCMU protocol with the alga, H. 
akashiwo NWFSC 513, grown in ESNW medium at a pH of 7.4 (±0.5) and 8.1 (±0.5), 
with the addition of 6.6 µM Fe (+Fe) and without the addition of any Fe (-Fe). The –Fe 
treatments contained a DFB concentration of 125nM to chelate any Fe found in the 
natural seawater medium used for experimentation (n = 2). Bars are representative of 
standard error. 
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4.4 Conclusion 
Overall, examining H. akashiwo under the combined effects of low pH and high 
CO2, as expected under the future global climate change scenario demonstrated that this 
HAB species appears to show no difference in growth rates. The most unexpected 
outcome arose in examining cell yield results, where the low pH (high CO2) environment 
resulted in the greatest cell yield when Fe was limiting, compared to ambient pH (low 
CO2) when Fe was present in abundance. Future experimentation should examine whether 
the intracellular composition of H. akashiwo cells within the high CO2 and low Fe 
environment is altered, and how this compositional change might affect the nutritional 
value of phytoplankton cells available for higher trophic levels.  
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CHAPTER 5 
5. Conclusions: tying it altogether 
 Over the past few decades, HAB outbreaks, particularly fish-killing flagellates and 
the corresponding losses to fisheries and tourism, have been at the forefront of coastal 
management concerns (Harness 2005).  While it has been suggested that a larger number 
of recorded blooms are the result of community education and a greater community 
awareness (Hallegraeff 1993), there is reason to acknowledge that the effects of global 
change as outlined in this thesis may also be a primary contributor to the exacerbating 
HAB appearances, as several environmental factors can dynamically interact and attribute 
to marked increases in bloom populations.  
Higher nutrient levels from increases in coastal populations, aquaculture, and 
observed anthropogenic climate changes have all interacted to influence bloom outbreaks. 
In an effort to understand HABs and predict their likely occurrences, studies examining 
the abiotic and biotic factors to likely impact the dynamics of bloom events are critical. 
Being able to anticipate how members of the phytoplankton community respond to 
anthropogenic effects depends on our knowledge of their key growth and physiological 
responses under several combined environmental factors: light, temperature, nitrogen, 
iron, carbon dioxide, pH and salinity. This thesis conducted multifactorial experiments 
where more than one interaction was measured, in an effort to tease apart the mechanisms 
that are likely to influence H. akashiwo blooms in future. In light of the increasing effects 
of global climate change, multifactorial studies included in this thesis are essential to 
predicting long-term effects of H. akashiwo HABs, and how these blooms might 
influence our overall oceanic ecosystem.  Not only is this information economically 
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valuable to the sustainability and productivity of global fisheries, it is also useful in 
helping to anticipate the prosperity of global tourism industries that rely on the beauty of 
our coastal waterways.  
Chapter 2 confirmed the phenomena that light, temperature and salinity changes 
can have a profound effect on H. akashiwo growth rates and cell permeability, where 
permeability might be linked to the formation of toxic blooms. Future studies should be 
focused at examining the mechanisms leading to H. akashiwo toxicity, and whether 
cellular permeability under the aforementioned abiotic factors is the outcome of these 
toxic blooms. By examining the effects of pH changes using both acid-titration (Chapter 
3) and CO2 (g) (Chapter 4) methodologies, I was able to highlight key differences in the 
two pH manipulation techniques. Additionally, by experimenting with the combined 
influences of N and Fe nutrient enrichments, along with the interaction that these 
nutrients have with pH, I was able to outline key areas of interest in H. akashiwo bloom 
predictions and how the occurrence of this species might compare to other key 
phytoplankton: T. weissflogii and Synechococcus sp.  
The pH consistency in ESAW medium verified the expectation that the natural 
buffer of sodium bicarbonate (NaHCO3) present in ESAW medium would maintain a 
nearly constant pH level when no cell culture was present. This pH consistency in ESAW 
medium was due to the lack of photosynthetic activity in the flask. When cell culture was 
added in the altered pH environments, there was a steady increase in pH- as growth yield 
increased in the closed environment of the flask, photosynthetic levels also increased. 
However, being a closed system, there was a lack of constant addition of CO2 and cell 
growth requires inorganic carbon to be present in the flask in order to carry out 
photosynthesis. These phenomena decreased the partial pressure of CO2 and therefore 
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increased the pH levels in solution from the original pH adjustment. This expected result 
indicated that an acid-titrated system is insufficient for maintaining culture pH during 
experimentation, and additional buffer is required to maintain pH in solution. 
Although the natural buffer, sodium bicarbonate (NaHCO3), decreased the pH rise 
over time, the buffering capacity of a bicarbonate buffer is reduced despite the natural 
benefit. Additional buffer was desired; therefore a supplemental buffer, HEPES was used. 
HEPES buffer is commonly used with cell cultures over a range of  biological pH of 6-8, 
which is useful when CO2 is produced during photosynthesis. The pH range of HEPES 
explains its efficiency at maintaining a constant pH under given conditions. HEPES 
buffer does not provide any nutritional benefit to cell cultures and therefore did not have 
an impact on growth measurements or chlorophyll fluorescence. However, it is well 
known that the marine environment is complex and shift in pH is only one consequence 
of acidifying waters.  
In the case of algal photosynthetic capabilities under an acid-titrated system 
(chapter 3), H. akashiwo behaved more like the cyanobacterium Synechococcus sp. than 
the diatom T. weissflogii, at high nitrate levels 880µM N, which surprisingly showed an 
increase in photosynthetic capacity with low Fe and low pH.  This finding alludes to the 
plasticity that HAB species tend to have in our aquatic ecosystem, where they can thrive 
under extreme or unpredictable environmental conditions. Although it was evident that H. 
akashiwo produce an abundance of neutral (saturated) lipids in a low nitrate environment 
(80 µM N), when the pH and Fe variables were included, H. akashiwo, coinciding with 
Synecococcus sp., did not demonstrate a dramatic change in intracellular lipid 
accumulation compared to the diatom T. weissflogii, that showed dramatic lipid 
accumulation at ambient pH and high Fe enrichments. This finding, again, highlights the 
	  153	  
resilience of H. akashiwo grown in extreme nutrient or pH environments that are unlikely 
to influence the intracellular lipid concentrations, and thus will have a negligible effect on 
the nutritive value for fish and higher tropic levels. However, CO2 manipulation 
experiments highlighted that intracellular carbon accumulation is likely to occur within H. 
akashiwo as they fill their internal carbon stores when pH is low and ppCO2 is high. 
Future experiments should focus on the types of fatty acids that H. akashiwo produce 
under a high CO2 scenario, which will help determine whether or not this HAB species 
will be a valuable food source at the base of our marine ecosystem. 
 Since nitrate is ultimately the key driver in cellular growth and yield, changing Fe 
concentrations would not affect the growth capabilities of H. akashiwo, rather 
photosynthetic changes are more probable when Fe is variable. These findings allude to 
the idea that when the environment is both N and Fe-limiting, cells designate more energy 
toward acquiring key nutrients for survival and sacrifice their affinity for carbon resulting 
in less photosynthesis, as evident in the decreased photosystem ΙΙ efficiency at low Fe. 
When growth of H. akashiwo was explored in the acid-titrated conditions (chapter 3), at 
880 µM N, pH adjustment resulted in a decreased final cell yield at low pH (7.4) 
compared to high pH (8.1). However, when nitrate levels were lowered and adjusted to 80 
µM N, there was no change in growth rate or cell yield, which coincided with all other 
species examined. In comparison to a CO2 (g) bubbling system (Chapter 4), the low pH 
environment resulted in no changes in growth rates, yet a higher cell yield at a low pH 
likely resulted from the high CO2 (g) in the system that alleviated the cell’s need to utilize 
their CCMs. In the case of the acidic ocean predicted in future, these results indicate that 
the rise in atmospheric CO2 may result not in an excess of H. akashiwo blooms, rather 
larger cells with greater internal pools of carbon.  
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            There are many changes in ocean chemistry that are associated with global climate 
change. Due to the various biological and chemical systems in the ocean, it is crucial to 
understand the effects that these changes have in relation to one another in order to 
recognize the threats posed to the future marine environment. In simulating a natural 
environmental system, results presented in this thesis could be used to further investigate 
how abiotic and biotic factors affect the mechanisms of carbon, nitrogen and iron 
sequestration, along with the resulting toxicity mechanisms and fatty acid production in 
the raphidophyte, H. akashiwo. Although the marine system is complex and 
ecophysiological changes can be attributed to several combined factors, this thesis 
approached our understanding of the future ocean from many angles to highlight the 
complexity of oceanographic research and to exemplify that any number of variables can 
change expected outcomes. The importance of understanding our future marine 
ecosystem is invaluable in protecting our natural resources. Heterosigma akashiwo is a 
mischievous HAB and unlocking the factors driving its metabolic demands will allow for 
the proper management of our future ocean. 
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APPENDICES 
CHAPTER 3 APPENDICES 
Appendix Ι: Stable pH readings with buffered and acidified cultures 
Preliminary buffer experiments were carried out with Tris, Tricine and HEPES 
buffers at three different buffer concentrations. HEPES buffer was found to be the most 
effective buffer at maintaining culture pH over the duration of growth for each culture. 
The example outlined below is for the three HEPES buffer concentrations examined, 
using Synechococcus sp. CMPP 833. 
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Appendix ΙΙ: Selection of Fe enrichment 
Based on a sample of preliminary results outlined below (with Synechococcus sp. 
CCMP 833), a divergent Fe growth trend was noted. The same divergent trend was noted 
with all other species examined, whereby the 0.01 µM Fe enrichment resulted in the same 
growth pattern as 0.1µM Fe enrichment, and the 1.0 µM Fe enrichment resulted in the 
same growth pattern as 11.0 µM Fe enrichment. Therefore, experiments were carried out 
at two of the Fe concentrations: 0.01µM Fe and 11.0µM Fe. 
 
 
Appendix ΙΙΙ: Oxygen evolution rationale 
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Figure. Appendix ΙΙΙ: Depiction of a theoretical increase in the rate of oxygen 
evolution (µmol oxygen/minute) for phytoplankton cells as light irradiance 
(µmol quanta m-2 s-1) increases. In cells under photosystem stressors, the α-
value and β-value were expected to be altered. 
 
The theoretical photosynthesis versus irradiance curve (Fig. Appendix ΙΙΙ) 
generated from data obtained through oxygen electrode analysis illustrated that with 
increasing light irradiance (on the x-axis), there is a gradual increase in the rate of oxygen 
evolution from the cell (α) until the photosystem hits the critical point. This critical point 
is where the curve begins to plateau, and represented the point where the cellular 
photosystem is working at its maximum ability (β). At this point, there is no additional 
increase in light irradiance that can accelerate the photosynthetic electron pathway. 
Damage to the photosystem was denoted by a gentle slope (α), and damage to the carbon-
enzyme RuBisCo system was denoted by a drop in the plateau (β). 
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Appendix ΙV: Nile red plate reader organization 
2mL, 96 MWP: 
 
 
 
300µL, 96 MWP: 
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#
#
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Add#1.1#mL#of#
cell#culture#
ﬁltrate#(i.e.#
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blank#
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CHAPTER 4 APPENDICES 
 
Appendix I: Enriched Seawater, Natural Water (ESNW)  
 
Recipe was developed by Andersen (2005) but altered by the Cochlan Lab, RTC-SFSU, 
to best suit the culturing and growth requirements of the alga used for experimentation, H. 
akashiwo NWFSC 513. 
 
Nitrogen Stocks g/L stock f.w. [stock] M [media] M [media] µM 
NaNO3 0.8499 84.99 5.99E-02 5.00E-04 189.1 
      Enrichments g/L stock f.w. [stock] M [media] M [media] µM 
      Na2HPO4 1.4196 141.96 0.0099 5.00E-05 19.1 
      
      C10H14N2O8Na2•2H2O (EDTA) 2.4419 372.2 6.56E-03 6.56E-06 6.6 
FeCl3•6H20 1.7717 270.32 6.55E-03 6.55E-06 6.6 
      
      C10H14N2O8Na2•2H2O (EDTA) 3.0860 372.2 8.291E-03 8.29E-06 8.2912 
MnSO4•H2O 0.4090 169.02 2.42E-03 2.42E-06 2.4198 
ZnSO4•7H2O 0.0730 287.56 2.54E-04 2.54E-07 0.2539 
300#μL#of#mixed#FSW,#
culture#sample#and#
Nile#Red#
Standard#Blank#
Filtrate#Blank#
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#
#
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samples#
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culture#ﬁltrate#
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1#
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culture#sample#and#
Acetone#(for#blank)#
b1# b1# b1#
b6# b6# b6#
b7# b7# b7#
b12# b12# b12#
1# 2# 3#
1# 2# 3# 1# 2# 3#
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CoSO4•7H2O 0.0160 281.10 5.69E-05 5.69E-08 0.0569 
Na2MoO4•2H2O 0.0148 241.95 6.12E-05 6.12E-08 0.0612 
NiCl2•6H2O 0.0149 237.69 6.27E-05 6.27E-08 0.0627 
 
Total metals bottle #4: 2.85E-03 2.85E-06 
 
      CuSO4•5H2O 0.0098 249.68 3.93E-05 3.93E-09 0.0039 
      
      Na2SeO3 0.0022 172.9379 1.27E-05 6.36E-09 0.006 
      Thiamine HCl (Vit. B1) 
    C12H17ClN4OS•HCl 0.1000 337.27 2.96E-04 2.96E-07 0.296 
      Cyanocobalamin (Vit. B-12) 
    C63H88CoN14O14P 0.0020 1355.37 1.48E-06 1.48E-09 0.001 
      Biotin (Vit. H) 
     C10H16N2O3S 0.0020 244.31 8.19E-06 4.09E-09 0.004 
 
Notes:  
1) All stock solutions were prepared using ultrapure D.I. water (18.2 MΩ·cm) 
2) Completed medium was stored in the dark and bubbled with 0.2 µm filtered ambient 
air for a minimum of 24 hours to allow for the adjustment of the seawater pH to reach 
8.0±0.1. 
 
 
Appendix II: Diagrammatic representation of QUBIT 
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Appendix III: Tris Buffer CRM Certificate 
 
	  	  	  	  	  	  http://andrew.ucsd.edu/co2qc/	  
University	  of	  California,	  San	  Diego	  Scripps	  Institution	  of	  Oceanography	  Marine	  Physical	  Laboratory	  9500	  Gilman	  Drive	  La	  Jolla,	  CA	  92093-­‐0244	  
Certificate of Analysis 
pH	  reference	  material	  (tris	  buffer	  in	  synthetic	  seawater)	  Batch	  13	  (Bottled	  on	  June	  18th,	  2012)	  This	  reference	  material	  consists	  of	  a	  buffer	  solution	  containing	  nominally	  equal	  concentrations	  (0.04	  moles	  per	  kilogram	  of	  water)	  of	  tris	  (2-­‐amino-­‐2-­‐hydroxymethyl-­‐1,3-­‐propanediol)	  and	  tris-­‐HCl	  in	  a	  synthetic	  seawater	  with	  a	  nominal	  salinity	  of	  35.	  It	  was	  prepared	  in	  accordance	  with	  the	  recipe	  described	  in	  DelValls	  and	  Dickson	  (1998),	  with	  the	  exception	  that	  the	  tris	  used	  was	  certified	  ACS	  alkalimetric	  standard	  obtained	  fom	  Fisher	  Scientific	  (cat.	  #	  T3951)	  instead	  of	  certified	  material	  from	  NIST.	  
Analysis Results The	  pH	  	  
	  was	  determined	  on	  the	  total	  hydrogen	  ion	  scale	  using	  a	  hydrogen	  /	  silver	  –	  silver	  chloride	  cell	  (DelValls	  and	  Dickson,	  1998).	  Four	  separate	  samples	  were	  measured	  in	  triplicate,	  on	  two	  different	  dates	  The	  pH	  estimated	  at	  25	  °C	  was	  8.0947	  ±	  0.0018	  (12;	  4).	  The	  cited	  uncertainty	  represents	  the	  standard	  deviation.	  Figures	  in	  parentheses	  are	  the	  number	  of	  analyses	  made	  (total	  number	  of	  analyses;	  number	  of	  separate	  bottles	  analyzed).	  
Note: the value given in DelValls and Dickson (1998) for such a buffer is 8.0936. The 
small discrepancy (0.0011 in pH) is essentially negligible. 
Estimated Overall Uncertainty 
Although the measurements are capable of high precision, the overall uncertainty will be 
significantly greater. We are working to understand this value better, but presently 
expect it to be of the order of 0.005 in pH. 
Stability 
These buffer solutions have been shown to be stable to within 0.001 in pH for a period of 
a year (Nemzer and Dickson, 2005). However, they have not been poisoned, and an 
opened bottle should not be expected to remain stable for more than a few days at most. 	   A.	  G.	  Dickson	  December	  1,	  2012	  
QC
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Appendix IV: Colour changes from the colorimetric pH measurement procedure 
  
Colorimetric changes in pH from the spectrophotometric Dickson pH measurement 
protocol. The colour on  the left indicates an acidified culture (pH 7.4) and the culture on 
the right represents a culture at ambient pH (pH 8.1). Colour changes ranged from 
yellow-orange in acidified cultures, to dark purple in ambient pH samples. 
 
 
Appendix V: Comparison of in vivo fluorescence from Heterosigma akashiwo 
NWFSC 513, with different DFB concentrations 
 
Objective: 
This experiment was conducted to determine the appropriate concentration of the iron 
chelator, desferrioxamine B (DFB), necessary to induce an iron-limited environment for 
Heterosigma akashiwo 513, in a batch cultures with Enriched Seawater Natural Water 
(ESNW). The results will be used in subsequent studies involving iron-limitation. 
 
Methods: 
Cultures of H. akashiwo NWFSC 513 were grown in 50 mL borosilicate glass test tubes 
with teflon-lined cape at a 1.5% inoculum. The medium, with the omission of the 
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micronutrients iron and silica, and its preparation are described in Algal Culturing 
Techniques (Anderson et al. 2002).  
The following experiment was conducted in duplicates using sterile techniques for all 
culturing work. Five DFB concentrations were added separately to five test tubes at the 
following concentrations: 0 nM, 50 nM, 100 nM, 150 nM, 200 nM. Cultures were grown 
at 20° ± 2° Celsius at 250 µmol photons/m2/s 12h:12h  light:dark cycle. Determinations of 
in vivo fluorescence were measured at 24 hour intervals by inserting the entire tube into a 
Turner Designs model 10-AU fluorometer, after mixing by three inversions. 
 
RFU values: #1       
 
0 nM 
DFB 
50 nM 
DFB 
100 nM 
DFB 
150 nM 
DFB 
200 nM 
DFB 
 Day 0X 1X 2X 3X 4X 
0 2.86 2.98 3.1 3.04 2.75 
1 5.39 5.06 5.28 4.87 5.1 
2 7.71 8.37 6.9 8.91 6.52 
3 12.7 17.9 10.8 11.8 10.2 
4 21.4 24.3 16.5 18.6 14 
5 31.4 41.7 26.4 25.8 21.6 
6 64.7 86.2 46.5 51.7 23.7 
7 OVER OVER 74.9 OVER 38.5 
      RFU values: #2 
   REPEAT 
2 
0 nM 
DFB 
50 nM 
DFB 
100 nM 
DFB 
150 nM 
DFB 
200 nM 
DFB 
  0X 1X 2X 3X 4X 
0 2.98 3.02 2.89 2.89 2.87 
1 5.16 5.41 5.47 4.73 4.66 
2 8.41 7.45 7.77 9 7.77 
3 15.1 12.7 13.7 17.8 11.3 
4 24.9 19.1 18.7 15.2 16 
5 43.3 36.4 27.8 25.8 18.4 
6 77.8 60.5 45.4 37.5 26.1 
7 OVER OVER 71 62.3 39.6 
 
Cell counts (cells/mL) 
[DFB]  0 nM 50 nM  100 nM 150 nM 200 nM  
      Day 1: 
    Repeat 1 888 2090 4300 1294 1150 
Repeat 2 1075 1189 1539 977 1035 
      Day 3: 
    Repeat 1 2430 3225 2250 2400 2170 
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Repeat 2 3500 2825 2360 2988 2060 
      Day 5 
    Repeat 1 6300 6275 4317 4267 3867 
Repeat 2 10125 6175 8175 5600 10400 
 
 
Appedix VI: Lab-ware cleaning protocol 
 
Cochlan Ecophysiology Laboratory 
Romberg Tiburon Center for Environmental Studies 
Updated: April 9, 2013 by J. Herndon 
 
Background 
Ensuring that laboratory glassware and plastic-ware are clean is essential for the 
successful outcome of laboratory experiments and chemical analysis. 
 
Safety 
Read the MSDS’s for all chemicals used for cleaning.   
Hydrochloric acid (HCl) can cause severe burns.  The fumes can damage the lungs and 
eyes.  Strong bases like potassium hydroxide (found in Contrad laboratory detergent) are 
corrosive.   
Personal Protective Equipment (PPE): Lab coat, goggles and gloves should be worn in 
addition to closed toe/heel shoes.  A face shield may be worn if there is concern about 
splashing.  Note: a face-shield may NOT be worn in place of goggles/safety glasses.  
Larger nitrile gloves (green dishwashing gloves) may be worn to provide better coverage 
of the wrists and forearms. 
Collect used acid and dispose of by mixing with algal cultures to be killed (acid will be 
neutralized during this process) or label as hazardous waste and dispose of appropriately. 
 
Cleaning Process (LIVE) 
1) Remove any tape or labels; use a razor blade if necessary. 
2) Rinse with deionized water (DI) to remove salts and other residue.  Note for bottles and 
flasks containing algae culture residue: pour the residual culture in the 20L “Acid Kill” 
carboy.  Add a small volume of 10% HCl (vol/vol) to the container to kill the culture, use 
a brush if necessary to remove any organic culture residue (be careful not to scratch the 
container).  Pour this sludge into the acid kill carboy also then rinse with DI before 
placing in the Contrad bath. 
3) Place item in ~2-5% vol/vol Contrad bath for 2 to 24 hours.  Note: Do not place 
polycarbonate items, rubber or Viton O-rings/gaskets, silicone stoppers as these will be 
damaged.  See addendum #1 below for cleaning these types of items. DO NOT place any 
“Dead” items used with toxic chemicals or preservatives in the “LIVE” Contrad bath. 
4) Remove items from Contrad bath and rinse with DI to remove detergent residue.  Avoid 
dripping the detergent on the floor or your shoes.  You may place the items in the bottom 
of the “LIVE” sink (previously rinsed), however, be mindful that the bottom of the sink is 
not “clean”, small items should be placed inside beakers or other lab-ware to prevent 
contact with the bottom of the sink. 
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5) Place items in 5% vol/vol (~1.8% actual concentration) HCl bath.  Allow them to soak for 
2 to 24 hours.  Observe the same cautions as stated for the Contrad bath.  
6) Remove the items and rinse 3 times with ultrapure water (18.2 MΩ·cm, Milli-Q).  You 
may choose to save on Milli-Q and do the first 2 rinses with DI.  Ensure that all the 
internal surfaces of the items are contacted by the rinses.  Remember to thoroughly rinse 
the inside of the caps and threads.  Observe the same cautions as stated for the Contrad 
bath. 
7) Allow the items to air dry, inverted on a previously cleaned drying rack or on kim-wipes 
laid out on a clean section of lab bench.  Make sure to cover items such as magnetic stir-
bars, plastic connectors, glass air diffusers, etc. that may get dirty from dust settling on 
them.  Rinse your dishwashing gloves and allow them to dry before storing in a bag 
labeled with your name.  If necessary, items my dried in the drying oven. 
8) Once dry, cover openings with aluminum foil and put the items away in their clean 
storage area.  Small items may be stored in clean, labeled plastic bags.  The aluminum 
foil cover is an indication to all lab members that the item has been through the proper 
cleaning procedure. 
Note: when not in use, close the lids on the 10% vol/vol acid, DI and Milli-Q carboys.  
This will keep the water cleaner and reduce acid vapors in the lab. 
Note: DEAD lab-ware (items used with toxic chemicals or preservatives) should be 
cleaned in the “DEAD” sink inside the Fume Hood.  The Contrad step is typically 
omitted.  
 
Refilling Cleaning Carboys 
There are three 20L carboys over the sink.  They contain DI, Milli-Q and 10% vol/vol 
HCl 
1) DI and Milli-Q carboys can be re-filled directly from the DI hose and Milli-Q Gradient 
directly.  If you have not obtained water from these sources, ask a knowledgeable lab-
member first.  Flush the DI hose and Milli-Q dispensing gun for a few seconds before 
collecting water for the carboy.  Read the instructions for the Milli-Q before obtain water 
from it. 
2) 10% HCl:  Using scissors cut a strip of white lab mat and place it (plastic side down) in 
the fume hood. 
3) Move the “10% hydrochloric acid” carboy to the DI water outlet and fill it with DI water 
to the 18L mark. 
4) Place the carboy on the white lab mat in the fume hood. 
5) Obtain a bottle of concentrated Hydrochloric acid (36-38%) from the acid cabinet and 
place it in the hood.  Note: remember to adjust the sliding glass door to provide adequate 
access and protection from harmful vapors or splashes. 
6) SLOWLY pour two liters of concentrated HCl into the container so that it reaches the 
20L mark.  Note: the reaction is highly exothermic and releases chlorine vapor so proceed 
slowly, but fast enough so that the acid won’t dribble down the side of the bottle as you 
pour.  Wipe the bottle mouth/threads with a kimwipe to prevent acid dribbles on the 
outside.  Return the concentrated HCL bottle to the acid cabinet and.  Note: a full 20L 
carboy weighs 40 kilograms (about 88 pounds), so lift carefully to return it to the shelf 
above the sink. 
 
Refilling Contrad and Acid Baths 
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Contrad bath:  
1) Carefully pour the old Contrad down the LIVE sink while the faucet is running for 
dilution. 
2) Rinse the soaking tank with DI and add DI until a depth of 10-15cm (4-6 in).  Add a 
generous dollop of concentrated Contrad. 
Acid bath:  
1) Carefully pour (two people should do this part) portion of  the used acid into the “algae 
acid kill carboy”.  The rest should be collected in a waste carboy and tagged for 
appropriate disposal.  Obtain a 20L waste carboy from the RTC Laboratory Coordinator 
(Brita Larsson). 
2) Wheel the acid bath to the floor by the sink next to the Milli-Q. 
3) Transfer the 10% hydrochloric acid carboy to the counter next to the Milli-Q and allow 
the spigot to hang over the edge, aimed into the acid bath. 
4) Aim the DI water hose into the acid bath tub. 
5) Turn on both the 10% hydrochloric acid carboy and the DI hose at roughly the same flow 
rate into the tank at the same time. 
6) Fill to 10-15cm (4-6 in).  Final concentration should be about 5% vol/vol HCl 
Addendum #1 Cleaning specialized lab-ware 
 
Silicone stoppers, Viton O-rings/gaskets and other delicate items:  Follow the same 
process as described in the “Live Cleaning Process”, but limit the time in the Contrad and 
Acid baths to 5-10 minutes. 
Polycarbonate bottles should be cleaned with a dilute solution (2-4mL/L) of Nalgene 
L900 cleaner for Polycarbonate.  These bottles can be soaked for 2-24 hours.  Then rinse 
with DI to remove the L900, rinse with 5-10% vol/vol HCl followed by three rinses with 
Milli-Q.  For both the acid and Milli-Q rinses, ensure that the cap and threads are 
thoroughly rinsed.  One way to do this is to pour the acid into the cap ad then over the 
threads.  The used L900 can be poured down the sink. 
Volumetric flasks (glass and plastic) used for standards can be rinsed with 10% vol/vol 
HCl or soaked with 5% vol/vol HCL for 2-24 hours.  Rinse three times with Milli-Q.  
These items may also be stored full of Milli-Q to allow them to get cleaner.  Volumetric 
flasks in the lab that are full all the way to the top when stored are full of Milli-Q. 
 
Additional Reading: 
Algal Culturing Techniques.  R. A. Andersen, Ed.  Chapter 5. Elsevier 2005. 
 
 
Appendix VII: Care and maintenance of pH probe 
 
Over time, probes become de-sensitized to the culture solution that they are 
contained in and were shown to develop a biofilm that would alter the true pH reading of 
the culture. Therefore, prior to the commencement of all experiments, pH probes were 
freshly cleaned and calibrated according to the procedure below. After 5 days of growth 
during experiments, pH probes were once again cleaned and calibrated to ensure accuracy 
of all pH measurements. 
 
1) Remove the pH probe from the electrolyte solution. 
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2) Rinse pH probe in D.I. water (18.2 MΩ·cm), and gently clean the end of the probe with a 
cotton-ended Q-tip. 
3) Soak the pH probe in a beaker containing a 10% Hydrochloric Acid solution for 10 
minutes. 
4) Rinse the pH probe with D.I. water and soak the probe in a beaker containing D.I. water 
for 1 minute. 
5) Return probe to electrolyte solution. 
6) Re-calibrate the pH probes with a 3-point calibration method. 
 
 
Appendix VIII: DCMU protocol 
 
Cochlan Ecophysiology Laboratory 
Romberg Tiburon Center for Environmental Studies 
Updated: April 9, 2013 by C. Bronicheski 
 
Background 
 
The following protocol for measuring photosystem ΙΙ efficiency is outlined specifically 
for the alga, Heterosgima akashiwo. 
 
Safety 
 
Read the MSDS for DCMU before use. 
 
Personal Protective Equipment (PPE): Lab coat, goggles and gloves should be worn in 
addition to long pants and closed toe/heel shoes. 
 
Process for measuringFv/Fm using the Turner Designs 10-AU Fluorometer: 
 
*Ensure the range of the Fluorometer is set to “AUTO” 
 
1) Make a 10 mM DCMU solution in 95% EtOH: 
 
FW = 233.1 
C9H10Cl2N2O 
 
(12.011)9 =  108.099 
(1.00794)10 = 10.0794 
(35.453)2 =    70.906 
(14.0067)2 =  28.0134 
(15.9994) =   15.9994 
                    233.0972 
 
233.1 g/L = 1000mM/10mM 
                = 2.331g/L 
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2.331g/L = x/.250 L 
            x = 0.58275g into 250 ml bottle ---target volume 
 
 
Goal: 95% ethanol and 5% Milli-Q therefore add 237.5 mL of ethanol to12.5 mL of 
Milli-Q 
 
2) Measure background fluorescence of your sample using filtered seawater as a blank 
 
3) Measure again with DCMU (should result in the same value) 
 
4) Record RFU from step #3 
 
5) Take your first true sample and wipe the vial with a Kimwipe 
 
6) Invert sample 3 times, insert in the Fluorometer and quickly re-cap the Fluorometer 
sample chamber 
 
7) Wait for the Fluorometer to adjust to the proper range  
 
8) Press “*” and record the resulting RFU value when the instrument reads “DONE” 
(which will be after 5 seconds + an additional 5 seconds) 
 
9) Remove sample vial  from sample chamber quickly, and re-cap the sample chamber 
 
7) Add 2 drops or 100 µL, of DCMU to your sample vial and mix (cap and invert 3x). 
Avoid touching the centre of the tube (no need to re-wipe) 
 
8) Record the resulting RFU, after you insert and observe: 
 
A) If the value decreases but then increases: record the lowest value. This is a 
result of (1) light flooding the photomultiplier tubes or (2) the Fluorometer 
switching ranges because the initial signal is very high. 
B) Value increases, pauses, then increases more: record the “pause” value. 
 
9) Leave the sample in the chamber until ready to analyze the next sample. This ensures 
that the Fluorometer is in the correct “Range” for the next sample (to avoid switching 
ranges mid-sample).  
 
10) You can calculate variable fluorescence as: 
 
  Fv/Fm = [(RFU + DCMU) – RFU]/ (RFU+DCMU) 
 
  Fv = Fm – Fo, where Fv is variable fluorescence, Fo is  
  background fluorescence of the cells (all of the PSII reaction   
 centers are open), and Fm is the “maximal” fluorescence before   non-
photochemical quenching (e.g. xanthophylls  cycling) is    initiated.  
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  Dark-adapting the sample removes the fluorescence signal   
 associated with the growth irradiance, and makes it easier to   
 interpret the data (you get the potential, or true, Fv/Fm, rather   
 than the light-induced Fv/Fm) 
  
Note 1: if your blank from step 2 is not zero, you should subtract it from all values. 
 
Note 2: The maximum Fv/Fm value for the very healthy cells should be around 0.7. If it’s 
higher than that, you probably waited to long to read the RFU value. 
 
Note 3: Depending on the Fluorometer, the “background” fluorescence measured without 
DCMU can be too high. That can be corrected for later by doing a “dilution” with a 
known culture sample and stopping down the excitation light using either neutral-density 
filters or Turner Design light baffles.  
 
Disposal: 
 
Ensure samples with DCMU are disposed in proper waste containers. 
 
Additional Reading: 
 
Butrón, A., Madariaga, I., Orive, E., Tolerance to high irradiance levels as a determinant 
of the bloom-forming Heterosigma akashiwo success in estuarine waters in summer, 
Estuarine, Coastal and Shelf Science (2012), doi: 10.1016/j.ecss.2012.05.008. 
  
	  172	  
Curriculum Vitae 
CAYLA M. BRONICHESKI 
 
EDUCATION 
 
Master of Science in Biology, Physiology & Biochemistry        2013 
Collaboration with the Centre for Environment & Sustainability 
University of Western Ontario, London, ON, Canada 
 
Bachelor of Science, Honors Specialization in Environmental Science          2011 
University of Western Ontario, London, ON, Canada 
 
RELATED WORK EXPERIENCE 
        
Teaching Assistant              2011 - 2013 
Departments of Biology and Business Management Operations 
Courses: Biology laboratories, Ecology, Environmental Biology & Business Management 
University of Western Ontario, London, ON, Canada 
        
Laboratory Technician             2011 
Department of Biology in collaboration with Trojan UV Technologies    
University of Western Ontario, London, ON, Canada 
 
Research Assistant              2008 - 2011 
Robarts Research Institute, Department of Medical Sciences  
London, ON, Canada 
 
AWARDS 
 
Award of Excellence Scholarship, University of Western Ontario       2013 
Best Presentation, Centre for Environment & Sustainability at Western      2013 
Award of Excellence Scholarship, University of Western Ontario          2012 
Western Graduate Research Scholarship, University of Western Ontario      2011 - 2013 
3-Minute Thesis Competition Finalist, University of Western Ontario      2012 
Dean’s Honor List, University of Western Ontario         2009 - 2011 
Western Scholarship of Distinction           2007 
 
PUBLICATIONS 
 
Submitted 
Ikeda, C.E., Bronicheski, C.M., Trick, C.G. & Cochlan, W.P. (2013) The combinatorial 
effect of salinity and temperature on cellular permeability and toxicity of Heterosigma 
akashiwo, from Puget Sound, WA. Submitted to: Harmful Algae. 
 
Czikkel, B.E., Petri, B., Bronicheski, C.M. & Trick, C. (2013) The effect of germicidal 
UV on the survival of the marine phytoplankter, Tetraselmis spp. – establishing the 
proper metrics of viability. Submitted to: Water Research.  
	  173	  
 
Czikkel, B.E., Petri, B., Bronicheski, C.M. & Trick, C. (2013) The effect of germicidal 
UV on the survival of the marine phytoplankter, Tetraselmis spp. – establishing the 
damage to the photosystem. Submitted to: Environmental Sciences and Technology. 
 
CONTRIBUTIONS 
 
Oral presentations 
Ikeda, C. E., Bronicheski, C. M., Trick, C.G. & Cochlan, W.P. (2013) The combinatorial 
effect of salinity and temperature on cellular permeability and toxicity of Heterosigma 
akashiwo, from Pudget Sound, WA. ASLO Ocean Science Meeting 2014, Honolulu, 
Hawaii, USA. 
 
Bronicheski, C.M. & Trick, C.G. (2012) Assessing the impact of ocean acidification on 
the quality of phytoplankton- as a food source- for productive marine food webs. 25th 
Annual Western Graduate Research Forum, University of Western Ontario, London, ON, 
Canada.  
 
Bronicheski, C.M. & Trick, C.G. (2012) Fast food or fine dining: what’s for dinner in 
our acidic ocean?. 3-Minute Thesis Competition, School of Graduate and Postdoctoral 
Studies, University of Western Ontario, London, ON, Canada.  
 
Bronicheski, C.M. & Trick, C.G. (2012) Fast food or fine dining: what’s for dinner in 
our acidic ocean?. 9th Annual Earth Day Colloquium, University of Western Ontario, 
London, ON, Canada.  
 
Bronicheski, C.M. & Trick, C.G. (2011) Investigation of germicidal UV impacts on the 
marine flagellates, T. apiculata and H. akashiwo. Ontario Biology Day, Wilfrid Laurier 
University, ON, Canada. 
 
Bronicheski, C.M. & Trick, C.G. (2011) The impact of germicidal UV on the 
photosynthetic efficiencies of two marine flagellates. 8th Annual Earth Day Colloquium, 
University of Western Ontario, London, ON, Canada.  
 
Bronicheski, C.M. & Trick, C.G. (2011) Investigation of germicidal UV impacts on the 
marine flagellates, T. apiculata and H. akashiwo. Environmental Science and Biology 
Day, University of Western Ontario, London, ON, Canada. 
 
TEACHING DEVELOPMENT WORKSHOPS 
Research on teaching symposium           2012 
Fall perspectives on teaching conferences          2011 - 2012 
 
COMMITTEES 
Society of Graduate Students, Sustainability Committee, University of Western Ontario 
Earth Day Colloquium Committee, University of Western Ontario 
Environment and Sustainability Society, University of Western Ontario 
Environmental Science Association, University of Western Ontario 
	  174	  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
The sea, once it casts its spell, holds one in its net of wonder forever. 
 
Jacques-Yves Cousteau 
 
 
 	  
 
